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ABSTRACT
Using zebrafish to elucidate the expression and gene regulatory network
of the Genomic screen homeobox transcription factors
and bring innovative science learning experiences to West Virginia
Rebecca A. Coltogirone
Central nervous system (CNS) development requires a code of regionally expressed
transcription factors that impart initial neuronal cell identity, connectivity, and function. The
absence of a transcription factor code would eliminate the neurodevelopmental logic producing
diverse cell types in the CNS. Furthermore, early disruptions in transcription factor expression
can affect later connectivity and function of neuronal circuits mediating sensory processing,
defects in which are often observed as comorbid with various neurodevelopmental disorders
(NDDs). Characterizing transcription factor expression and function is therefore an essential step
in discerning the molecular mechanisms underlying human NDDs. genomic screen homeobox 1
and 2 (gsx1 and gsx2) encode homeobox transcription factors expressed in the vertebrate CNS.
In mouse, Gsx1 and Gsx2 regulate neuronal progenitor proliferation and specification in
developing brain regions such as the telencephalon, cerebellum, and spinal cord. However, many
details about their expression and function across other brain regions in vertebrates and in
zebrafish specifically remain under investigated. An initial step in elucidating the relationship
between Gsx1 and Gsx2, CNS development, and NDD etiology is to first obtain a molecular
framework-level understanding of the importance Gsx1 and Gsx2 hold across CNS regions. In
this dissertation, I present a comprehensive analysis of gsx1 and gsx2 expression, regulatory
relationship, and a putative gene regulatory network in the zebrafish CNS. Additionally, I
describe efforts that utilize zebrafish as a hands-on science learning tool in a science-education
partnership targeted at high school students from West Virginia that are underrepresented in
STEM. I begin this dissertation by discussing and describing the spatiotemporal expression
profiles of gsx1 and gsx2 in zebrafish and phenotypes of gsx1 and gsx2 mutant zebrafish. I then
show their proposed regulatory relationship to each other in zebrafish and provide a thorough
analysis of their putative gene regulatory network through in silico analyses. Next, I present
evidence that using zebrafish in a rural science-education partnership fosters increased science
confidence in high school students both in-person and virtually. I also show that teachers in West
Virginia are interested in using zebrafish for science education, however require varied support
based on funding, the availability of classroom supplies, and experimental support. Together, this
dissertation highlights how zebrafish sit at the intersection of research and education to
contribute to knowledge of genes essential for early neurodevelopment and the continued
enhancement of science-education partnerships in West Virginia and beyond.
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CHAPTER 1
Introduction
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Part I: The genomic screen homeobox genes in early neurodevelopment
INTRODUCTION
Central nervous system (CNS) development is a complex process wherein early
progenitor cells give rise to billions of neuronal cells that form the structural and functional basis
of the nervous system. A central goal in developmental neurobiology is understanding how
neuronal diversity arises, and genetic studies in vertebrate and invertebrate animal model
systems have shown that differential gene expression promotes diverse cell fates across the
neuroaxis1. Transcription factors are important for regulating gene expression through their
stochastic modulation of transcriptional target genes in spatially and temporally organized
complexes. The specific combination of transcription factors in different regions and at different
times creates a code for producing the appropriate amount and types of neuronal cells. Changes
in this code can alter gene expression profiles in progenitor domains and disturb the
development, connectivity, and later function of neuronal circuits that mediate sensory
processing and cognitive functions. Thus, documenting the regional expression and function of
early-expressed transcription factors is therefore important for interpreting the molecular-genetic
basis of neurodevelopment.
The genomic screen homeobox genes (gsx1 and gsx2) encode homeobox transcription
factors expressed in the vertebrate CNS. In mammals, Gsx1 and Gsx2 regulate forebrain
progenitor patterning and spinal cord interneuron differentiation2–4. Other studies demonstrate
roles for Gsx1 and Gsx2 in other regions such as the hypothalamus, brainstem, and cerebellum in
mammals5–8 as well as the spinal cord and medulla in zebrafish9. However, we lack a
comprehensive understanding of gsx1 and gsx2 expression and function together and separately
across many brain regions in vertebrates. In this dissertation, I fill this gap in knowledge by
comprehensively documenting the spatiotemporal expression patterns of gsx1 and gsx2 during
zebrafish neurodevelopment. Furthermore, I describe phenotypes of gsx1 and gsx2 zebrafish
mutants, investigate the regulatory relationship between Gsx1 and Gsx2 in embryonic zebrafish,
and present an inventory of putative Gsx1 and Gsx2 target genes organized by CNS region and
neurodevelopmental time. Together, my work establishes the basis for future studies of Gsx1 and
Gsx2 function across many developing brain regions in zebrafish that have not been previously
comprehensively analyzed in other vertebrates.
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Overview of vertebrate nervous system development
The vertebrate brain is built from a small pool of neuroectodermal cells induced by the
notochord during embryogenesis10. Signals arising from the notochord, such as Sonic hedgehog
(Shh), retinoic acid (RA), and Noggin, induce the overlying ectodermal cells to thicken and form
the neural plate10. The neural plate differentiates into the neural tube through a process of
bending and folding that drives closure of the neural tube. Signals along the anterior-posterior
and dorsal-ventral axes of the neural tube are important for initial patterning that provides
regional identity to the CNS. As neurulation proceeds, multipotent progenitor domains arise
across the neuroaxis and construct a blueprint for producing diverse cell types at defined times
and locations through differential gene expression11. The timing of major cell type generation
(i.e., neurons, oligodendrocytes, and astrocytes) is typically stereotyped in a given species. For
example, in both rats and mice, neurons are primarily generated during embryogenesis through
birth, and although some glial precursors arise during this period (such as cortical astrocytes
around day 16 of development), the vast majority of glial cells emerge postnatally12–14.
As neuronal precursors emerge from progenitor domains they undergo specification
based on time and location to produce neurons of a particular kind15–17. Differentiating neurons
migrate from progenitor zones to final destinations as they adopt cell fates and extend axons.
Axonal growth cones respond to attractive and repulsive spatial guidance cues to reach the
appropriate targets and establish connectivity. Ultimately, neuronal subtypes can be
distinguished by their connectivity as well as their morphology, physiology, and genetic
markers18. Following widespread neurogenesis, programmed cell death acts as an important
phenomenon that controls the number of cells in the nervous system19. The overproduction of
neurons causes competition for neurotrophic factors that support the growth and survival of
neurons20. Programmed cell death enables proper matching of neurons and targets, and together,
these events permit the assembly of functional neuronal circuits that dictate behavior, higherorder cognition, and autonomic bodily processes21.
Although a seemingly controlled process, neurodevelopment and neuronal circuit
assembly is flexible, and varied gene-environment contexts are important for producing a
complex brain organization16,22,23. Even in later stages the structure and function of neuronal
circuits constantly evolves and mature neurons can exhibit plasticity in their functional
identities24. Interpreting the molecular-genetic mechanisms regulating early and later brain
3

development and function has therefore been a fundamental goal in developmental neuroscience
research.
Transcription factor regulation during early neurodevelopment
Neuronal diversity is largely achieved through differential gene expression regulated by
transcription factor proteins. Following neural induction, progenitor cells along the anteriorposterior axis acquire distinct fates based on extrinsic positional cues and morphogen gradients.
These cues are translated to regionalized codes that delineate the expression of transcription
factors along the differentiating neural tube25. The emergence of diverse neuronal subtypes
ultimately depends on the hierarchical and combinatorial activity of transcription factor
complexes across the neuroaxis.
Gene expression is regulated through integrated control of cis-regulatory elements, such
as promoters, enhancers, and silencers, and trans-regulatory elements, such as transcription
factor proteins and their co-factors1. Transcription factors function in complexes to stochastically
activate and repress transcriptional target genes via DNA-binding domains26,27. As transcription
factors are differentially expressed across the neuroaxis, the spatial and temporal combination of
their proteins drives differential gene expression in neuronal progenitors. Furthermore, feedback
loops in which transcription factor proteins self-regulate their own expression is also integrated
during these early processes to further control neuronal patterning1. Thus, early transcriptional
regulation is multipurpose, producing initial neuronal cell diversity, regulating the amount and
kinds of neuronal cells produced1,28–32, and specifying later functional properties such as
neurotransmitter profiles33–36. Characterizing transcription factor expression and function is
therefore

important

for

understanding

the

molecular

mechanisms

governing

early

neurodevelopment.
Mutations affecting transcription factors have been shown to disturb the production of
neuronal cell types and the spatiotemporal synthesis of chemical messengers1. In turn, this
disrupts the proper assembly and later function of neuronal circuits. As previously discussed,
neurodevelopment is labile and often proceeds in light of these changes due to functional
redundancy of transcription factor regulation or tissue-specific expression of transcription
factors. However, the expression and function of many vertebrate transcription factors expressed
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during early neurodevelopment have yet to be fully characterized across brain regions and over
neurodevelopmental time, leaving much to be uncovered regarding these mechanisms.
Zebrafish as a model system for vertebrate development, disease, and neurobiology
Zebrafish have rapidly become a prominent animal model system for investigating the
genetic basis of vertebrate development since their popularization in the early 1980’s37. Early
mutagenesis screens revealed many genes in zebrafish that possess unique and essential
functions in development38,39. We have since learned that approximately 70% of human genes
have at least one zebrafish ortholog, making zebrafish popular models for studies of gene
expression and function. Furthermore, about 80% of human disease-causing genes have at least
one zebrafish orthologue40, and this has popularized their use as human disease models. For
example, zebrafish have been used as a vertebrate animal model system for cancers like
melanoma41 and leukemia42. One of the first zebrafish cancer models, which was identified in a
chemical mutagenesis screen, was the tumor suppressor 53 (tp53M214K) zebrafish mutant43.
Importantly, TP53 is the most frequently mutated tumor suppressor gene in several human
cancers. Another example is the zebrafish spje mutant, which carries a mutation in the dystrophin
gene44 that is orthologous to the gene affected in human Duchenne muscular dystrophy. Many
other human diseases have zebrafish models, such as Huntington’s disease45, Alzheimer’s
disease46, and diabetes47,48.
Zebrafish are also an optimal research model for investigating the genetic basis of
vertebrate neurodevelopment based on their neuroanatomical, neurophysiological, and genetic
similarities to mammals49. The basic structure of the zebrafish CNS contains many similar brain
regions as mammals and develops similarly, with some exceptions. The zebrafish telencephalon
forms through eversion (bending outward) of the early tissue compared to evagination (bending
inward) of this tissue in mammals50. Zebrafish also lack a prefrontal cortex, which is part of the
telencephalon and essential for cognitive function in mammals51. However, the dorsal pallium of
the zebrafish telencephalon has recently been suggested as the potential homolog of the
mammalian isocortex52. These parallels in brain structure ultimately make zebrafish a useful
model for understanding the development and function of many brain regions.
The zebrafish nervous system utilizes similar chemical messengers as mammals and
other vertebrates for neurotransmission. The development, anatomy, and pathways of aminergic
5

neurotransmitter systems (such as dopamine, histamine, and serotonin) have been studied in
embryonic53,54, larval55, and adult zebrafish56,57. Amino acid neurotransmitters, like glutamate
and γ-aminobutyric acid (GABA), are also present in zebrafish. Similarly to mammals and other
vertebrates, glutamate is the most common neurotransmitter in the zebrafish brain (used at an
estimated 80-90% of synapses), and GABA is the major inhibitory neurotransmitter58–61.
Zebrafish also possess many similar hormones and growth factors that regulate physiological
processes as mammals and other vertebrates62. The hypothalamic-pituitary-adrenal (HPA) axis in
mammals exists as the hypothalamic-pituitary-interrenal (HPI) axis in zebrafish, and produces
similar hormones and growth factors like somatostatin63, growth hormone64, prolactin65,
androgens66, and estrogens67.
There are a few key differences between mammalian and zebrafish neurodevelopment
that are beneficial to researchers. Unlike humans and mammalian animal models, zebrafish
neurodevelopment occurs rapidly. Nervous system specification begins during gastrulation (6
hours post fertilization [hpf]), the neural plate is formed by the end of gastrulation (10 hpf)68,69,
and the major neuroanatomical subdivisions (forebrain, midbrain, hindbrain) are distinguishable
by 24 hpf70,71. Within less than a week, zebrafish larvae are capable of performing complex
behavioral responses, such as anxiety72,73 and reward-driven74 responses. Furthermore, sociallydriven responses are observable starting at around 3 weeks of age75. In contrast, human brain
development begins in the third gestational week76 and in mice neural tube formation occurs at
approximately gestational day 9-9.512. Additionally, the zebrafish nervous system also exhibits
continual lifelong growth. In higher vertebrates, neurogenesis occurs mainly in early embryonic
stages12 and studies in mammals have shown that postnatal neurogenesis occurs in very limited
brain regions such as the hippocampus and olfactory bulb77,78. 16 neuronal progenitor zones with
high proliferative potential have been characterized in zebrafish and sustain continual brain
growth79. These zones are located across many subdivisions of the telencephalon, diencephalon,
mesencephalon, hindbrain, and spinal cord and are present from 6 months to at least 2.5 years of
age80. As such, the ability to study neuronal function in embryonic and adult stages (in a
relatively small package of 100,000 neurons as larvae and 10 million as adults, compared to 70
million in adult mice) have made zebrafish useful for understanding vertebrate neurobiology81,82.
A complicating factor in the zebrafish model system is the duplication of many genes
resulting from the teleost whole-genome duplication (WGD) event that occurred an estimated
6

300+ million years ago83. Although it is predicted that over 80% of duplicated genes have been
lost due to non-functionalization, many paralogous genes have been retained through neo- or
sub-functionalization. As such, it is important in zebrafish to examine paralogous genes to
determine their functions and identify orthologs for mammalian genes. Gene duplication is an
important evolutionary mechanism that promotes genetic novelty and diversity84. As such,
zebrafish are well suited for answering questions about both gene function and evolution.
Identification of the Genomic screen homeobox genes
Genomic screen homeobox 1 and 2 (Gsx1 and Gsx2, previously Gsh1 and Gsh2) were
first identified in mouse in a screen for novel non-clustered homeobox genes85. Since then,
studies in mouse86,87, Xenopus88, medaka89, and zebrafish9,90 have demonstrated how expression
patterns of the Gsx genes are highly similar across species (Figure 1). Gsx1 and Gsx2 encode
homeobox transcription factors expressed in the CNS that contain a DNA-binding
homeodomain91–94. The homeodomain is a 60-amino acid motif encoded by a 180-base pair
homeobox sequence originally recognized in Drosophila segmentation proteins94. Consistent
with this, comparisons between Drosophila and vertebrates have revealed similarities in
homeobox gene expression and protein structure that suggests conserved functions during
development95,96.
The human genome contains over 250 homeobox loci categorized in 11 classes. GSX1
and GSX2 are grouped in the Antennapedia (ANT) class, which derives its name from the
clustered antennapedia (ant) class Drosophila genes (Figure 2). Also within this class are the
clustered HOX genes which characteristically encode homeobox transcription factors that pattern
the anterior-posterior (AP) axis collinearly with gene clusters97. Despite being non-clustered, the
Gsx homeodomain is actually more ant-like than those encoded by many clustered Hox
genes6,26,27,89,98. Gsx1 and Gsx2 are compact genes, with two exons and a single intron. Nonclustered homeobox genes were traditionally reported to be expansive, at times spanning over 50
kilobases of DNA99. Given their similarities and differences from the classic Hox genes, Gsx1
and Gsx2 are considered “pseudo-hox” genes. In amphioxus (lancelet), Gsx1 and Gsx2 exist in a
genomic “ParaHox” cluster with Cdx and Pdx genes which is thought to be an evolutionary
“sister” of the Hox cluster98. Gene linkage and phylogenetic analyses suggest that both clusters
arose from one set of descendant genes and that ParaHox gene clusters also exist in mammals.
7

Gsx1 and Gsx2 are the vertebrate homologs of Drosophila intermediate neuroblasts
defective (ind), which shares 85% amino acid sequence homology in the homeodomain with
either Gsx gene100. Ind and Gsx2 have been reported to elicit similar target gene regulation based
on the formation of monomer versus homodimer DNA binding complexes101. Additionally,
Gsx1, Gsx2, and ind and are expressed in similar intermediate domains within the mouse neural
tube86, Xenopus neural plate88, and fly neuroectoderm100, suggesting that early expression of
these genes elicits conserved regulatory programs that pattern the neuroaxis across species.
Consistently, the Gsx1 and Gsx2 homeodomain exhibits high similarity in amino acid sequence
across vertebrates (Figure 3).
Gsx1 and Gsx2 in forebrain patterning
Studies in embryonic mice have demonstrated that Gsx1 and Gsx2 coordinately facilitate
the specification and proliferative characteristics of lateral, medial, and caudal ganglionic
eminence (LGE, MGE, and CGE) progenitors in the ventral telencephalon4,102–109. Gsx1
expression in the MGE and Gsx2 expression in the LGE and CGE promotes regional fate in these
transitory and proliferative brain regions as development proceeds110. Most cortical interneurons,
olfactory bulb interneurons, and striatal projection neurons stem from these regions and establish
connectivity between the cortex, olfactory bulb, and corpus striatum that permits higher-order
cognitive functions111–113. Regional expression of Gsx1 and Gsx2 also establishes the border
between these dorsal cortical and intermediate telencephalic domains103. Studies of Gsx1/Gsx2
double mouse mutants have found that descending cortical axon pathfinding is disrupted, and it
is suggested that this is due to abnormalities in the LGE, MGE, and CGE4. Consistently, the LGE
normally produces attractants that guide cortical axons to this region114, demonstrating how these
genes are important for many characteristics of these early brain regions. In the subventricular
zone of the telencephalon, Gsx2 also promotes injury-induced neurogenesis115 and specifies
postnatal progenitors and neural stem cells30. Conditional overexpression studies in the
telencephalon have further shown that despite redundancy in general regulatory function, Gsx2
maintains progenitors in an undifferentiated state, while Gsx1 promotes maturation through
downregulation of Gsx22,110.
Three forebrain patterning pathways stem from integrated regulation by GSX1, GSX2,
and Distal-less homeobox 1 and 2 (DLX1 and DLX2; Figure 4; left)112. GSX1 and GSX2
8

upregulate Dlx1 and Dlx2 expression which drives neuronal differentiation. In turn, DLX1 and
DLX2 repress Gsx gene expression to permit maintenance of progenitors by Achaete-scute
homolog 1 (Ascl1; previously known as Mash1) and Notch signaling116,117. Repression of the Gsx
genes by DLX1 and DLX2 is alleviated to permit production of oligodendrocytes by Gsx2 and
Oligodendrocyte transcription factor 2 (Olig2)108. Dlx1/Dlx2 double mutant mice exhibit
reductions in neurogenesis and overexpression of Gsx1, Gsx2, and Ascl1. Removing Gsx1 or
Gsx2 from these mutants rescues phenotypes in the MGE and LGE/CGE, respectively112,
demonstrating that DLX1 and DLX2 are important for balancing ventral forebrain development
through repression of the Gsx genes112.
Gsx1 and Gsx2 in hindbrain patterning
In the mouse cerebellum Gsx1 regulates cerebellar neuronal progenitor identity through a
temporally-regulated BMP/SMAD signaling gradient7,118. During early neurogenesis, high
BMP/SMAD activity represses Gsx1, and as development proceeds a gradual dorsoventral
decline in this activity alleviates suppression on Gsx1. Accordingly, subsequent dorsal and
ventral expression of Olig2 and Gsx1, respectively, specifies the transition of cerebellar Purkinje
cell progenitors to GABAergic interneurons. Studies of zebrafish with ablated gsx1-expressing
neurons have also revealed that gsx1 is a molecular marker for dorsal brainstem neurons within a
neuronal circuit that gates prepulse inhibition (PPI) of the acoustic startle response5,123.
Interestingly, PPI disruptions were observed similarly between these zebrafish and Gsx1
knockout mice5. In the developing zebrafish hindbrain, gsx2 is reported to specify neuronal fate
in the inferior olivary nuclei of the medulla9. This study demonstrated that control of this
specification is produced through integrated fibroblast growth factor 3/8a (fgf3/8a) and retinoic
acid (RA) signals, which are known to control rostro-caudal hindbrain patterning119,120. These
studies demonstrate how gsx1 and gsx2 are important for balancing the generation of distinct
neuronal populations in the hindbrain through temporally-regulated control programs.
Gsx1 and Gsx2 in spinal cord patterning
In the mouse spinal cord Gsx1 facilitates injury-induced recovery by increasing neural
stem and progenitor cell production121. Other studies have found that Gsx1 and Gsx2
coordinately regulate inhibitory versus excitatory cell fate in sensory interneurons3. The
9

differentiation of early-born glutamatergic interneurons is promoted through interactions
between Gsx1, Gsx2, and Achaete-scute homolog 1 (Ascl1; previously known as Mash1). Later,
Gsx1 and Gsx2 are downregulated by Ascl1, allowing GABAergic identities to emerge. This
transcriptional switch in Ascl1 function is in part supported by the integration of Notch signaling
and molecular markers for excitatory and inhibitory fate (T cell leukemia homeobox 3 (Tlx3) and
Pancreas transcription factor 1a (Ptf1a), respectively; Figure 4, right). Although not a study of
direct regulatory relationships, a transgenic analysis in the zebrafish spinal cord confirmed the
presence of progenitor domains reminiscent of progenitor domain organization in mouse122.
Transgene expression within these domains was also reminiscent of mouse studies, with
Tg[gsx1:RFP], Tg[gsx2:GFP], Tg[atoha1a:GFP] (atonal bHLH transcription factor 1a),
Tg[neurog1:RFP] (neurogenin 1; previously known as ngn1), Tg:[dbx1:RFP] (developing brain
homeobox 1), and Tg[dbx2:GFP] (developing brain homeobox 2) marking precise progenitor
populations3,122.
Phenotypes of Gsx1 and Gsx2 mouse mutants
Homozygous Gsx1 mouse mutants exhibit dwarfism, sexual infantilism, and perinatal
mortality. These phenotypes are attributed to an abnormally small pituitary with a concomitant
loss of hormone- and prolactin-producing cells, as well as disrupted growth hormone signaling
stemming from the hypothalamus. Thus, GSX1 is suggested to regulate development and
function of the hypothalamic-pituitary-adrenal gland (HPA) axis in mammals6. Gsx2 mouse
mutants fail to survive more than one day following birth, have gross deformities in forebrain
and hindbrain structure104, and mis-expression of several dorsal forebrain markers such as Paired
box 6 (Pax6) and Neurogenin-2 (Neurog2; previously known as Ngn2). Some phenotypes in the
LGE of Gsx2 mutants are exacerbated upon loss of Gsx1, leading to a more severely disturbed
forebrain morphology105. Gsx1 expression expands ectopically into the LGE in Gsx2 mutants,
and the misspecification of neuronal precursors is partially restored in later stages, demonstrating
that GSX1 is able to compensate for loss of GSX2. However, given that Gsx2 mutants do not
survive despite GSX1 partially restoring regional identity in the LGE, this alone is clearly not
sufficient for a total rescue. Although these studies confirm the important developmental roles
the Gsx genes hold in mammals, their requirement is minimally understood in other brain regions
where they are expressed.
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Gsx1, Gsx2, and neurodevelopmental disorders
As previously described, Gsx1 has been identified as a molecular marker of neurons
mediating sensory responsiveness in zebrafish. Zebrafish with ablated gsx1-expressing neurons
and Gsx1 mouse knockouts exhibit disturbed prepulse inhibition (PPI)5,123, which is also
disrupted in schizophrenic patients124. Several human genome-wide association studies have
reported GSX1 in their results, including studies of conduct disorder within attention deficit
hyperactivity disorder125 and of schizophrenia and autism spectrum disorder (ASD) susceptibility
loci126–130. Furthermore, GSX1 was identified in cross-disorder genetic overlap of schizophrenia,
bipolar disorder, and major depressive disorder131. Mutations in GSX2 were reported in a
minimal patient study investigating agenesis of the basal ganglia in intellectual disability132. This
study also reported reduced ASCL1 and PAX6 expression by RNA sequencing, which are genes
linked to Gsx2 in mouse studies3,104,112. Other studies have also implicated gsx2 as a genetic
component for early onset dystonia133.
NDDs arise through the interplay of gene mutations and environmental factors, thus it is
possible that the Gsx genes are involved within the genetic networks of certain NDDs. One
potential genetic pathways exists with Dlx family genes, which have been tied to aberrant
GABAergic neuronal signaling and implicated in genetic intervals for schizophrenia and ASD
patients134–138. In mouse, Dlx1 and Dlx2 are upregulated by GSX1 and GSX2 but in turn repress
Gsx gene function112, therefore this relationship could factor into NDD etiology. Shared defects
exist in attentional, social, and cognitive abilities in NDD patients and animal models124,139–142,
suggesting that conserved molecular mechanisms may underlie the genetic etiology of these
disorders.
Summary
Studies in the forebrain, hindbrain, and spinal cord of mouse and zebrafish suggest that
Gsx1 and Gsx2 are important for the maturation and proliferative characteristics of neuronal
progenitors. However, comprehensive knowledge of gsx1 and gsx2 expression and function in
zebrafish is lacking. Many zebrafish orthologs of genes reported to function coordinately with
Gsx1 and Gsx2 in mammals exist and identifying conserved regulatory programs in zebrafish is
important for elucidating the requirement for Gsx1 and Gsx2 in neurodevelopment across
species. In this dissertation, I address several questions regarding the expression and function of
11

the gsx genes in zebrafish. I begin by documenting and comparing the spatiotemporal expression
of gsx1 and gsx2 in zebrafish embryos and larvae in regions where they have not been previously
comprehensively analyzed in other vertebrates. Next, I reveal phenotypes of gsx1 and gsx2
mutant zebrafish that suggest their importance for normal development. I then discuss the
regulatory relationship between gsx1 and gsx2 and use in silico analyses to demonstrate the
existence of complex Gsx gene regulatory networks across brain regions in zebrafish.
Collectively, my work serves as an important step for future studies of Gsx1 and Gsx2 function
in CNS regions not previously comprehensively analyzed in zebrafish or other vertebrates. This
sets the stage for understanding the relationship between the gsx genes, gene mutations affecting
neuronal circuit development, and NDD etiology.
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Figure 1. Representative images of Gsx1 and Gsx2 expression in documented vertebrates.
Xenopus images (top left) are from Illes et al. 2008 and shows expression of both Gsx1 and Gsx2
at neurula stage 25. Zebrafish images (top right) are from two publications. The upper image
from Cheesman & Eisen 2004 and shows gsx1 expression at 30 hpf. The lower image is from
Itoh et al. 2020 and shows gsx2 expression at 48 hpf. Mouse images are from two publications.
The left image is from Valerius et al. 1995 and shows expression of Gsx1 at E8.5. The right
image is from Szucsik et al. 1997 and shows expression of Gsx2 at E9. Finally, the medaka
image is from Deschet et al. 1997 and shows Gsx1 expression at stage 23.
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Figure 2. ANT class transcription factor relationships in humans. This figure is from
Holland et al. 2007. Arbitrarily rooted phylogenetic tree was constructed in this study using the
maximum likelihood method which estimates evolutionary relationship based on sequence.
Bootstrap values over 70% are shown. The ANT class transcription factors are further
subdivided into the HOXL and NKL subclasses based on chromosomal positions.
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Figure 3. Amino acid sequence alignment of the Gsx1 and Gsx2 homeodomains
across vertebrates. Alignment only shows the homeodomain sequences of the Gsx proteins.
Amino acids shaded black are identical and those shaded grey are considered similar. Sequences
obtained from NCBI. Alignment produced by Clustal Omega. Dr = Danio rerio, Dm =
Drosophila melanogaster, Hs = Homo sapiens, Lo = Lepisosteus oculatus, Mm = Mus musculus,
Ol = Oryzias latipes, Rn = Rattus norvegicus, Xt = Xenopus tropicalis.
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Figure 4. Gsx gene regulatory networks in the mouse forebrain and spinal cord. These
networks and figures have been adapted from Mizuguchi et al. 2006 and Wang et al. 2013.
Green arrows represent activation. Magenta bars represent repression. The overlap of the circles
containing Ascl1 indicates a common regulation of Ascl1 by the Gsx transcription factors that
goes on to facilitate separate programs in the forebrain and spinal cord. In the spinal cord,
excitatory and inhibitory represent the functional identity of the neurons resulting from the two
pathways.
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Part II: Using zebrafish in science outreach for underrepresented students
INTRODUCTION
It is estimated that 3.5 million science, technology, engineering, and mathematics
(STEM) jobs will need filled by 2025 in the United States1. However, STEM fields are faced
with a recurring shortage of professionals, particularly from underrepresented and minority
groups2. Studies show that negative perceptions of STEM emerge as early as middle school in
underrepresented and minority students3,4. Likewise, these students disproportionately leave
STEM degree programs and careers5. Understanding the factors that deter engagement in STEM
by underrepresented and minority students has therefore become an important topic in the
education literature6. As such, recent calls for enhancing STEM education have inspired reform
of K-12 learning standards and an increase in STEM outreach for students of all backgrounds7–9.
Early experiences and engagement in STEM foster favorable attitude shifts in students
and promote interest in STEM careers10,10–12. For some underrepresented student groups, such as
rural students, opportunities to engage in STEM may be hindered by systemic issues such as low
district funding and recruitment of qualified STEM teachers in rural schools13–17. Additionally,
lack of advanced STEM coursework, little to no STEM-focused extracurricular activities, and
lower prevalence of community outreach events in remote regions prohibits these students from
fully immersing in STEM fields6. Enhancing STEM education and outreach practices for rural
and other underrepresented students is therefore important for generating an interest in STEM
that translates to STEM careers and diversifies STEM fields.
Zebrafish have gained popularity in science-education partnerships as an in vivo model
system for vertebrate development. Previous studies report successful partnerships between
zebrafish researchers and K-12 teachers18,19. However, such partnerships have not been reported
in West Virginia (WV). In this dissertation, I detail a science-education partnership for
underrepresented students in WV called “Fish in a Dish”. Fish in a Dish leverages the research
benefits of zebrafish to provide an engaging experience for students. I demonstrate that our
program positively impacts students’ science confidence in both in-person and online formats
and promotes general interest in zebrafish and STEM careers. I also describe factors selected by
WV teachers that would promote their use of zebrafish. Together, this work supports the efficacy
of zebrafish as an educational tool for underrepresented students and can inform future efforts to
grow this program and others like it in WV and other predominately rural areas.
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Zebrafish in science classrooms
Zebrafish gained popularity in the early 1980’s as a research model system for
investigating the genetics of vertebrate development20. Since then, zebrafish have become
prominent biomedical animal models for many human health complications, examples being
melanoma and other cancers, cardiovascular diseases, diabetes, and neurodegenerative diseases
such as Alzheimer’s disease21–23. However, zebrafish have recently become popular in classroom
settings as a tool for science education, and have been used to teach students about cell cycle
progression and Mendelian genetics18, the effect of chemicals on learning and memory24,
development25, environmental health19, teratogenesis26, motor behavior27, and behavior
training28. This is in part because zebrafish harbor many research benefits that translate well to
classroom settings and surpass prohibitive factors associated with other animal model systems.
Mammalian animal models, such as mice or rats, can be difficult to integrate into
classrooms due to care and maintenance costs. Zebrafish are more cost-space effective in
comparison, as they can be housed in higher densities and smaller spaces than mammals21.
Invertebrate animal models, such as Drosophila, are a good lower-cost alternative, however are
less directly comparable to human biology than vertebrate models. Zebrafish are vertebrates, and
despite being a non-mammalian model system they are physiologically and genetically similar to
mammals. Zebrafish have several organ systems that function similarly to mammals23. For
example, the zebrafish nervous system utilizes similar chemical messenger systems, such as
neurotransmitters and hormone signals, that mediate development and behavior29. Furthermore,
zebrafish are genetically similar to humans, as 70% of human genes have a zebrafish ortholog30.
Many research benefits of zebrafish make them ideal for student observation and
experimentation. Adult zebrafish breed easily, produce hundreds of embryos weekly, and utilize
external fertilization. This provides students with an abundance of samples that are easy to
acquire and eliminates complicated invasive procedures. Zebrafish develop rapidly, with general
anatomical organization established in 24 hours and the ability to perform complex behaviors
such as anxiety31,32, social33, and reward-related34,35 behaviors in less than a week. This permits
observations of development and behavior by students in real time, even when classroom time is
limited. Zebrafish embryos are also transparent, enabling visualization of developing structures
under simple dissecting microscopes. Combined, these benefits make zebrafish a feasible and
practical animal model system for science education.
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Current outreach efforts using zebrafish
The use of zebrafish in the classroom has largely been pioneered and assessed by Project
BioEYES, a science-education partnership developed in 2002 that uses zebrafish to teach
students about basic science principles, animal development, and genetics36. Since inception,
Project BioEYES has spread across nine states in the US and instituted two international
collaborations in Melbourne, Australia and Shanghai, China. Assessment of program-wide
student outcomes after participating in BioEYES has demonstrated increased science content
knowledge and positive shifts in attitudes towards science37.
InSciEdOut is another zebrafish-focused outreach initiative formed in 2009 that leverages
and integrates the expertise of zebrafish researchers and school teachers to enhance science
proficiency. InSciEdOut currently operates in three states in the US and has three international
collaborations, two in India and one in Ghana. This program has similarly reported gains in
science proficiency amongst their students38, demonstrating that partnerships between
researchers and schools yield overall favorable outcomes.
Several smaller-scale and digital resources for zebrafish education also exist, including:
Pathway for Biological Sciences Education (http://www.biosciednet.org/portal/; National
Science Digital Library), Zebrafish K-12 (http://www.uoneuro.uoregon.edu/k12/zfk12.html;
University of Oregon, Eugene, OR), Zebrafish in the Classroom (http://www.zfic.org/; multiuniversity initiative); Fish for Science (https://sites.google.com/sheffield.ac.uk/fishforscience/a
bout-us?authuser=0; Bateson Centre, University of Sheffield, Sheffield, England) and BioWeb
Conferences Portal (https://sophia.smith.edu/blog/barresilab/biowebconferences/; Barresi Lab,
Smith College; Northampton MA). Together, the emergence of these initiatives demonstrate that
zebrafish are an effective active-learning tool within science education.
Benefits of early research experiences
Students who participate in early research experiences are better able to perceive the
value of science, which is important for developing an interest in STEM fields and careers39.
Elementary school students that participate in STEM experiences report enjoying the activity of
“thinking like scientists” and find science interesting and exciting40,41. This demonstrates that an
inherent interest in STEM topics can be inspired by these experiences even at very young ages.
Studies assessing outcomes in high school students suggest that early research experiences
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positively impact critical thinking skills, technical science skills, and interpersonal skills when
working in collaborative environments4,42–44. Furthermore, these studies show that these
experiences can positively influence perceptions and attitudes towards science and interest in
science careers.
At the age where career decisions are being made, integrating real-world relevance into
learning is crucial for demonstrating how questions within STEM are applicable to students’
lives. For example, one study found that when scientific topics were made applicable to
individual students’ lives, it resulted in positive learning gains even for students with low success
expectations12. At the college level, comparisons of lecture-based and active learning-based
experiences have revealed higher achievement for students participating in active learning45.
Inquiry-based, active-learning based, and research-based courses are well known to be more
effective in producing positive learning gains for students than didactic approaches. Surveys of
students participating in these kinds of courses have demonstrated that these teaching styles
enhance science confidence and impact intentions for pursuing graduate education and careers in
science46–49. Needless to say, participating in research experiences at any level provides students
with an opportunity to see themselves as scientists that can persist and translate to science
careers.
Challenges in retaining underrepresented and minority students in STEM
Early research experiences are particularly valuable for student groups that are
underrepresented in STEM careers, such as females, African-Americans, and persons with
disabilities. Interestingly, varied perceptions and interest in STEM in underrepresented and
minority students become apparent starting in middle school3,4. Studies show that these students
begin leaving STEM as they move closer to career-ready ages5. In the United States it is
estimated that 40% of college-bound underrepresented minority students enter STEM degree
programs, yet only half of those students finish that original degree to completion50. The “leaky
STEM pipeline” is a common metaphor used in studies of these issues, describing how
underrepresented and minority students leave STEM at various stages of their academic and
professional careers5.
Many factors are thought to contribute to lower engagement and interest in STEM by
underrepresented and minority students3,10,11. Stereotypes about gender can negatively influence
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student perceptions as early as middle-school and also influence attitudes by teachers and
advisors. Surveys of middle school students show that inconsistent perspectives and attitudes
towards STEM exist across gender despite achievement being similar51. Similar surveys in high
school students show that these problems are persistent, and although males and females perform
equally in STEM subjects and participate in similar STEM extracurriculars, females perceive
their self-efficacy in STEM lower than males do52. Race is another factor repeatedly described in
studies of STEM issues and retention. Students from minority groups report lower expectations
of their own success in STEM and can be negatively influenced by stereotype threats and
discouraged from engaging in STEM39,53.
Gender and race are prominent issues that impact interest in STEM, however this issue is
multifaceted and likely arises from the combination of several factors6. Parental and teacher
expectations and values can encourage or discourage STEM involvement, achievement, or
desires to attend college. Factors in a student’s home life, such as financial situation and familial
responsibilities, can overshadow academic interests. Inadequate support systems and
opportunities in schools also prevent students from having the early experiences necessary to
develop interest in STEM fields. Additionally, stereotypes of scientists that are repeatedly found
in books, television, and movies misconstrue how underrepresented and minority students
perceive STEM54. Ultimately, traditionally low diversity in STEM fields means that there is
disproportionate representation of underrepresented and minority STEM professionals that can
acts as role models for students.
Issues in rural STEM education
One category of underrepresented students that experiences disparities in educational
opportunity are rural students. Rural students make up one quarter of the US public school
enrollment55 yet often have limited opportunities for engaging in STEM. The concept of being
“rural” is conceptually ambiguous due to lack of consensus on its definition, leading to
disproportionate portrayals of rural students and inadequate implementation of educational
policies and practices13. Studies of the pervasive issues surrounding education in rural settings
proves difficult, however many factors are commonly reported. Rural schools typically receive
lower funding for extracurricular activities, curriculum development, and research compared to
urban schools15,56. Lower financial incentive, remoteness, and occasionally inadequate facilities
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also negatively impact recruitment and retention of qualified STEM teachers in rural schools14,57–
60

. STEM outreach events, science learning centers, and other extracurricular programs are often

based in urban locations, making it difficult for students in remote regions to participate. Of
recent relevance, the onset of the COVID-19 pandemic in 2020 drove schools across the country
to turn to virtual learning platforms. However, rural students living in remote regions often lack
adequate internet access or devices necessary for distance learning61.
On top of systematic issues, studies suggest that rural parental values are at times
incongruent with the need for enhanced STEM education in schools56,62. Rural citizen values
often emphasize futures in the local rural workforce, while in school emphasis is placed on the
importance of post-secondary education. This unintentionally creates an internal conflict in rural
students where they are pressured to remain rural by their families but to leave their rural lives
by their schools63. Past students that achieve success in STEM careers traditionally leave their
childhood communities, therefore current students struggle with envisioning themselves in such
careers due to minimal representation of people like them62. Together, these issues factor
together to negatively impact rural student STEM achievement, perceptions of their own
capabilities, and outlooks on STEM careers60,64,65.
Addressing rural STEM education in West Virginia
West Virginia (WV) sits within Appalachia, a region that is 42% rural66. Of the 13 states
in the US that contain Appalachian boundaries, WV is the only state that sits entirely within the
Appalachian Region67. Likewise, nearly 40% of WV residents and 40% of enrolled K-12
students live rurally state-wide68–70. For many students, the Health Sciences and Technology
Academy (HSTA; http://www.wv-hsta.org/) serves as a major opportunity for engaging in
STEM. HSTA is an Out of School Time (OST) program that provides academic enrichment and
mentoring support to underrepresented students to facilitate success in STEM. HSTA began as a
grass-roots effort in 1994 and consisted of nine teachers and 44 students from two counties.
Today, HSTA operates in 26/55 (47%) WV counties, with 15/26 (57%) being rural counties
(Figure 1).
Through support from the West Virginia Legislature and state colleges and universities,
tuition waivers are offered to graduates who wish to attend in-state institutions for undergraduate
and subsequent masters and terminal degrees. HSTA’s model has been largely successful as it
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identifies high performing students from underrepresented groups and equips them to continue
their academic achievement beyond high school. Notably, this program has benefitted
educational attainment in students typically underrepresented in STEM degrees: rural students,
students of low socioeconomic status, first-generation college students, and African American
students. Since inception, HSTA has had over 3,000 underrepresented students graduate, with
99% of graduates enrolling in college and 50% of these graduates enrolling in STEM degree
programs. Not only does HSTA benefit students, it benefits the entire WV workforce, as 80% of
HSTA graduates stay in West Virginia to work after college graduation71.
Summary
The availability of quality STEM experiences may be a deciding factor of STEM interest
for underrepresented students, specifically those living rurally. Many STEM outreach initiatives
exist in WV, a state where many K-12 students live rurally, however the use of zebrafish in these
programs has yet to be popularized. In this dissertation, I document our efforts to integrate
zebrafish into STEM education in WV through a science-education partnership with HSTA. I
first discuss how our outreach program, which we call “Fish in a Dish”, positively impacts
student’s science confidence and fosters interest in research in both in-person and online formats.
I then show evidence that teachers in WV are interested in using zebrafish in their classrooms,
however require tailored support related to funding, classroom supplies, and experience. Finally,
I demonstrate how Fish in a Dish is beginning to extend its reach by describing two independent
partnerships formed with two teachers in WV. Combined, my work demonstrates how
collaborations between zebrafish researchers and an established outreach organization can yield
favorable outcomes for underrepresented students. These collaborations ultimately serve as an
important reference for future zebrafish outreach initiatives in WV and beyond.
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Figure 1. Map of WV counties participating in HSTA and HSTA demographics. HSTA
student information was obtained and figure was adapted from Chester et al. 2020. HSTA
operates in 26/55 (47%) West Virginia counties. 15/26 (58%) are rural counties and 11/26 (42%)
are urban counties.
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CHAPTER 2
Gsx2 but not Gsx1 is necessary for early forebrain patterning in zebrafish
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(this chapter is taken directly from my manuscript in preparation, “Gsx2 but not Gsx1 is
necessary for early forebrain patterning in zebrafish”)
ABSTRACT
Early nervous system development is regulated in part by regionally expressed
transcription factors that contribute significantly to imparting initial neuronal cell identity,
connectivity, and function. genomic screen homeobox 1 and 2 (gsx1 and gsx2) encode homeobox
transcription factors expressed in the CNS that are implicated in forebrain progenitor patterning
and spinal cord interneuron differentiation in mouse. Mutations in Gsx1 lead to a dwarf
phenotype in mouse associated with abnormal hypothalamic-pituitary signaling, while mutations
in Gsx2 in mouse leads to abrupt postnatal mortality, an expansion of Gsx1 expression
embryonically and abnormal forebrain and hindbrain morphology. However, we lack
comprehensive knowledge of the expression of these brain-wide transcription factors during
neurodevelopment in zebrafish and knowledge of their target genes and roles in many
developing brain regions. The objective of this study was to comprehensively characterize
expression of zebrafish gsx1 and gsx2 and investigate putative target genes in gsx1 and gsx2
zebrafish mutants in order to investigate the unique and overlapping roles of Gsx1 and Gsx2 in
vertebrate neural development. To characterize gsx1 and gsx2 expression, we used RT-PCR,
whole-mount in situ hybridization (WISH), and fluorescence in situ hybridization (FISH). From
12 to 144 hpf, gsx1 is expressed initially in the hindbrain and early diencephalon and later in the
optic tectum, pretectum, and cerebellar plate. At these ages gsx2 is expressed in the early
telencephalon and later in the pallium and olfactory bulb. gsx1 and gsx2 are regionally coexpressed in the hypothalamus, preoptic area, and hindbrain, however FISH revealed that they
rarely co-localize in the same cells. To assess the function of Gsx1 and Gsx2, we generated
TALENs mutants. gsx1 mutant zebrafish exhibit stunted growth, similarly to mouse mutants, and
gsx2 mutant zebrafish experience swim bladder inflation failure that prevents survival. Finally,
using WISH and RT-qPCR we demonstrated reduced expression of dlx2a and dlx2b, the
zebrafish paralogs of the murine GSX target gene Dlx2, in our zebrafish mutants. This research
extends the possibility of further characterizing target genes and function of Gsx1 and Gsx2
across the brain to better understand their unique and overlapping roles.
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INTRODUCTION
Central nervous system (CNS) development is a complex process wherein regionallyexpressed transcription factors contribute significantly in determining initial neuronal cell
identity, connectivity, and function[1–3]. Transcription factors form complexes and act
coordinately to stochastically activate and repress target gene expression in progenitor cells[4,5].
Differential gene expression amongst neuronal progenitors generates distinct cell types and
specifies neuronal properties, such as neurotransmitter identity as seen in mouse[6–8], chick[9],
and zebrafish[10–12]. This process ultimately imparts identity to neuronal cells and forms the
basis for neural circuit assembly. Thus, defining the spatiotemporal expression patterns and
functions of essential vertebrate transcription factors is important for understanding the
molecular mechanisms governing neurodevelopment.
genomic screen homeobox 1 and 2 (gsx1 and gsx2, previously gsh1 and gsh2) are closely
related genes encoding homeobox transcription factors expressed in the CNS that were
discovered in a screen for novel, non-clustered homeobox genes in mouse[13]. Homeobox genes
characteristically encode transcription factors with a conserved 60-amino acid DNA-binding
homeodomain[14,15]. Homeobox genes such as the hox genes pattern the anterior-posterior (AP)
axis in many species in patterns collinear with their 5’ to 3’ chromosomal positions within gene
clusters[15–18]. Despite being non-clustered, gsx1 and gsx2 encode homeodomains 82% similar
to the hox genes[4,5,19]. gsx1 and gsx2 are the vertebrate homologs of Drosophila intermediate
neuroblasts defective (ind), which encodes a homeodomain 85% similar to the gsx genes. ind and
the gsx genes similarly regulate dorsoventral (DV) patterning[20–22], and Ind and murine GSX2
elicit similar regulatory outcomes based on monomer versus homodimer DNA binding[23].
Interestingly, ind and the gsx genes are expressed in similar patterns in the fly
neuroectoderm[20], mouse neural tube[24], and Xenopus neural plate[25], suggestive of
conserved mechanisms establishing domains within the neuroaxis across species.
Expression of gsx1 and gsx2 has been described in several vertebrates. gsx1 expression
patterns are highly conserved across species, beginning in the hindbrain during somitogenesis in
mouse[24], Xenopus[25], medaka[26], and zebrafish[27]. During early embryonic stages in
mouse Gsx1 is expressed in the diencephalon and telencephalon and expands to the
hypothalamus, thalamus, optic stalk, medulla, pons, and cerebellum[24]. Expression in Xenopus,
medaka, and zebrafish occurs in similar regions such as the hypothalamus, olfactory bulb, optic
36

tectum, and cerebellum[25-28]. gsx1 is also expressed as two dorsolateral stripes in the hindbrain
and in the intermediate spinal cord in mice[24], medaka[26], and zebrafish[10]. gsx2 is first
detected slightly later than gsx1 in the telencephalon and mesencephalon in mice and in the
hindbrain in Xenopus[25,29]. Throughout neurodevelopment gsx2 is expressed in the
telencephalon, thalamus, hypothalamus, and cerebellum in mouse[29], Xenopus[25], and
zebrafish[30]. Like gsx1, expression of gsx2 appears similarly across species as two dorsolateral
stripes in the hindbrain. Gsx2 is expressed dorsal to Gsx1 in the hindbrain in Xenopus[25] and in
the spinal cord of zebrafish[10], consistent with their roles in DV patterning. Zebrafish gsx1 and
gsx2 expression has not been comprehensively characterized and compared across embryonic
and early larval stages. Defining the expression profiles of the gsx genes in zebrafish is an
important step in elucidating Gsx1 and Gsx2 function in many developing brain regions which
they have been under-analyzed.
GSX1 and GSX2 regulate the development of cortical, striatal, and olfactory bulb
interneurons and other ventral telencephalic progenitors in mice[21,31–40]. Gsx1 is implicated in
hypothalamic and pituitary development, as knockout (KO) mice display a dwarf phenotype,
reduced pituitary size, hormonal imbalances, and only survive a few weeks post-birth[41].
Consistently, Gsx1 also specifies neuropeptidergic neurons in the arcuate nucleus of the
hypothalamus[42]. Gsx2 KOs do not survive more than one day following birth, exhibit
disturbed forebrain and hindbrain morphology[43], and have expanded Gsx1 expression in the
ventral telencephalon[44]. Gsx2 promotes regional neuronal identity in the telencephalon
through integrated control of other transcription and signaling factors[45–48]. Interestingly,
Gsx1/Gsx2 double KO mice display more severe forebrain phenotypes than Gsx2 single KOs,
suggesting that GSX1 partially compensates for loss of GSX2 function[21,44,49]. In the lateral
ganglionic eminence (LGE) of the mouse telencephalon GSX1 and GSX2 differentially regulate
progenitor maturation; Gsx2 maintains progenitors in an undifferentiated state while Gsx1
promotes maturation by downregulating Gsx2[22,34].
Outside of the forebrain, minimal roles are reported for GSX1 and GSX2. In zebrafish,
gsx1 is implicated as a molecular marker of sensory processing neurons in the dorsal brainstem,
and zebrafish with ablated gsx1 neurons and mouse Gsx1 knockouts similarly exhibit disrupted
sensory responsiveness[28,72]. Gsx1 also regulates an identity switch in mouse cerebellar
neuronal progenitors in part through BMP/SMAD signaling[50,51]. In zebrafish, Gsx2 is
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involved in the specification of neurons in the inferior olivary nuclei of the medulla[30].
Together, Gsx1 and Gsx2 regulate the specification of glutamatergic and GABAergic
interneurons in the mouse spinal cord[7]. In this region Gsx1 also promotes neural stem and
progenitor cell generation and decreases reactive glial scar formation to facilitate recovery from
injury[52]. gsx1 and gsx2 mark specific progenitor domains in the spinal cord of transgenic
zebrafish similarly to mouse, with gsx1 domains specifying glutamatergic, GABAergic, and
glycinergic fates, and gsx2 domains specifying glutamatergic fates only[10].
GSX1 and GSX2 target genes have been reported mostly in the mouse forebrain with few
reports investigating other brain regions[24,29,49,53,54]. Target gene regulation across many
brain regions has been understudied, and no target genes have been reported in zebrafish. Several
zebrafish orthologs for mouse GSX1 and GSX2 target genes exist, one example being Distal-less
homeobox 2 (Dlx2). Two paralogs, dlx2a and dlx2b, are found zebrafish, with dlx2a predicted to
be the ortholog of mammalian Dlx2[55]. In mouse, GSX2 promotes Dlx2 expression in the
ventral telencephalon, while DLX2 in turn represses Gsx1 and Gsx2[54], and collectively this
promotes LGE identity and mediates proliferative characteristics. Removal of Gsx1 and Gsx2
from a Dlx1/Dlx2 double mutant background restores some phenotypes observed in single Dlx1
and Dlx2 mutants, suggesting that GSX/DLX regulation is required for appropriate patterning.
The Dlx genes regulate patterning of forebrain inhibitory neurons and are implicated in aberrant
neuronal signaling observed in patients with various neurodevelopmental disorders (NDDs)
[40,56–58]. As such, it is important to identify GSX1 and GSX2 target genes in zebrafish to
better understand their roles across the CNS from fish to mammals.
In this study, we comprehensively document and compare the neurodevelopmental
expression of gsx1 and gsx2 in the zebrafish brain from early embryonic to larval stages. Using
gsx1 and gsx2 TALENs-generated zebrafish mutants, which experience growth and swim
bladder related phenotypes, respectively, we also demonstrate that dlx2a and dlx2b are
differentially regulated by Gsx1 and Gsx2. These studies are significant in that they establish a
framework for investigating Gsx1 and Gsx2 function in developing neuronal populations across
the CNS regions we report.
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MATERIALS AND METHODS
Zebrafish husbandry
All aspects of this study were approved by the West Virginia University IACUC. Adult
zebrafish were maintained on a 14h/10h light/dark cycle in our fish facility that maintains room
temperature at 25°C and water temperature at 28-29°C. Adults were fed daily with dry food
(Gemma Micro 300, Skretting). Breeding was performed using 1-liter breeding chambers with
dividers (Aquaneering). Embryos were raised in 90 x 15 mm petri dishes at 28.5°C in E3 media
(pH 7.4; 0.005M NaCl, 0.00017M KCl, 0.00033M CaCl, 0.00033M MgSO4.7H20, 1.5 mM
HEPES) in an incubator operating on a 14h/10h light/dark cycle. Staging of embryos was
performed using standard procedures[59]. The following strains were used: TL (Tupfel long fin,
ZIRC/NIH/NICHD), gsx1∆11, gsx1∆5, gsxpl1, gsx2∆13a, gsx2∆13b, and gsx2∆5.
Bioinformatics
Gene (D. rerio gsx1 - NM_001012251.1; D. rerio gsx2 - NM_001025512.2) and protein
sequences (Gsx1: D. rerio - AAI65050.1; M. musculus - AAI37770.1; R. norvegicus NP_001178592.1; H. sapiens - NP_663632.1; X. tropicalis - NP_001039254; L. oculatus XP_006627824; O. latipes - NP_001098303; Gsx2: D. rerio - AAI64330.1; M. musculus NP_573555.1; R. norvegicus - NP_001131035.1; H. sapiens - NP_573574.2; X. tropicalis AAI58504.1; L. oculatus - XP_006630061; O. latipes - NP_001116381; D. melanogaster Ind NP_996087.2) were obtained from the NCBI database (https://www.ncbi.nlm.nih.gov) and
aligned using Clustal Omega (https://www.ebi.ac.uk/Tools/msa/clustalo/). Geneious was used to
construct the rooted phylogenetic tree (https://www.geneious.com/academic/). The UCSF
Genome

Browser

(http://genome.ucsc.edu/)

and

Ensembl

database

(http://uswest.ensembl.org/index.html) were used to evaluate exon and intron structure.
Identification of zebrafish gsx1 and gsx2 mRNA transcripts using RT-PCR
Embryos and larvae obtained from TL crosses were raised to the desired ages (3.5 hpf-1
year), snap frozen in liquid nitrogen, and stored at -80°C. Total RNA was extracted from 30
embryos and larvae at each age using a phenol chloroform extraction method with TRI-Reagent
(Invitrogen). For adult stages, 2-4 dissected brains from males and females were used. 1ug of
total RNA was used with oligoDT to synthesize cDNA libraries (Superscript II First-Strand
39

Synthesis kit, Invitrogen). 2ug of cDNA was used in 28 cycles of PCR with PlatinumTaq
(Invitrogen) and the following intron-spanning gene specific primers: gsx1, FW: 5’AGCATTTGGTACACGAGCGA-3’, RV: 5’-GGTGTGGCGTACAGAGTCTT-3’; gsx2, FW:
5’-CAAGTTCTTGGAGCATCGCC-3’, RV: 5’-TCCGTTTAAAAGTGCCACGT-3’; ef1a, FW:
5’-TACAAATGCGGTGGAATCGAC-3’,

RV:

5’-TGTGCAGACTTTGTGACCTTG-3’.

Amplified cDNA fragments were visualized and imaged using a FluorChemQ imager
(ProteinSimple) on a 2% agarose gel with SYBR Safe (Invitrogen) and excised using a blue light
transilluminator (Clare Chemical Research). Sanger sequencing was used to confirm amplified
fragment sequences matched published NCBI gsx1 and gsx2 sequences.
Whole-mount in situ hybridization (WISH)
Embryos and larvae were raised to the desired ages and supplemented with 0.003%
phenylthiourea (PTU) in E3 after 6 hpf to prevent pigmentation. For embryos younger than 48
hpf, chorions were removed by incubating in 1mg/mL pronase at 28.5°C for 15 minutes.
Embryos and larvae were fixed in cold 4% paraformaldehyde (PFA) overnight at 4°C. Fixed
embryos were dehydrated using an increasing methanol wash series in 1xPBS (0%, 50%, 100%
vol/vol methanol) and stored at -20°C in 100% MeOH for at least 24 hours and up to one year.
The gsx1[27] and dlx2a[60] probes have been previously reported and were kind gifts of the
Eisen and Karlstrom zebrafish labs. The probes for gsx2 and dlx2b were designed in our lab. To
generate antisense mRNA probes, 1ug of age-specific total RNA was used with gene specific
primers

(gsx2,

FW:

5’-ACAACAGCCACATACAGAACG-3’,

RV:

5’-

CACAGCTTCTCAGTAGTCTAGGA-3’; dlx2b, FW: 5’-GCGCAGATTCCAGAAGACC-3’,
RV: 5’-ACCCGTTTGTACTTGGAATGTG-3’) to synthesize cDNA that was directly amplified
in 35 cycles of PCR (SuperScript III One-Step RT-PCR kit, Invitrogen). Fragments were
separated by 1% agarose gel electrophoresis, extracted using a QIAquick Gel Extraction kit
(Qiagen), and subcloned into a pCR2.1_TOPO 4.0kb vector (Invitrogen). Sanger sequencing was
used to confirm insert identity and directionality. 5ug of each plasmid was linearized with EcoR1
(gsx2) and Not1 (dlx2b) and probes were transcribed in vitro using SP6 polymerase
(mMESSAGE mMACHINE kit, Ambion). The protocol for colorimetric WISH was adapted
from Thisse and Thisse [61] and performed essentially as in Bergeron et al. [28]. Embryos were
hybridized with a digoxigenin(DIG)-tagged antisense mRNA probe detected by an anti-DIG
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antibody (Roche) and developed in NBT/BCIP (Roche). Staining was stopped by post-fixation in
cold 4% PFA overnight at 4ºC. Stained embryos were cleared in 75% glycerol and stored at 4ºC
protected from light.
Fluorescence in situ hybridization (FISH)
FISH procedures were performed according to the In Situ Hybridization Chain Reaction
v3.0 protocol (Molecular Instruments, Los Angeles, CA)[62]. Embryos were simultaneously
hybridized with gsx1 and gsx2 probes (designed by Molecular Instruments) diluted in probe
hybridization buffer overnight at 37°C. Excess probe was washed off the following day using
probe wash buffer. Embryos were incubated for 30 minutes at room temperature in amplification
buffer before adding the provided Alexa hairpins specific to the gsx1 (Alexa Fluor 488) and gsx2
(Alexa Fluor 546) mRNA sequences and incubating overnight at room temperature. Embryos
were washed using 5x SSCT (5x SSC + 0.1% Tween 20) and stored in 5x SSCT at 4°C protected
from light.
Generation of gsx1and gsx2 TALENs mutants
TALENs were designed using the freely available TALE-NT website that was created
and is maintained by labs at Cornell University[63,64]. TALEN assembly was carried out using
the Golden Gate vector system[64] and separate destination vectors containing a modified FokI
domain[65]. 100pg of in vitro transcribed mRNA (mMESSAGE mMACHINE kit, Ambion) was
injected into the cell of each 1-cell stage zebrafish embryo to create G0. TALEN efficacy was
checked by amplifying a 436bp fragment around the gsx1 target site (FW: 5’AGCCCTCCGTTATTTCCGTA-3’, RV: 5’-CGTTTGCTGCTCTGAAGTT-3’) and a 409bp
fragment around the gsx2 target site (FW: 5’-AGCAATCATGTCGAGGTCTT-3’, RV: 5’GCGCACTCACTCACCTAGAGA-3’), followed by restriction digest of these amplicons using
BtsI and EcoRI enzymes (NEB) respectively. Disruption of endonuclease cutting as evidenced
by the presence of a full-length amplicon was considered effective, and siblings of these embryos
were raised to adulthood and screened by crossing to wild type (TL strain) adults to generate F1
offspring with single gsx1 and gsx2 mutant alleles. These alleles were sequence confirmed by
DNA extraction from a subset of F1 embryos and PCR using primers (same as above), TOPOTA sub cloning (Invitrogen), DH5α transformation, and Sanger sequencing of individual clones.
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F1 carrying predicted loss of function mutations were raised to adulthood and crossed together to
produce homozygous F2 for each new allele as a first pass mutant screen. Mutant lines are
maintained by continuously crossing carriers to TL to eliminate possible off-target mutations
over time, however, no off-target sites were predicted by TALE-NT.
Genotyping for gsx1∆11 and gsx2∆13a alleles
When genotyping was required to distinguish gsx1 and gsx2 alleles, tissue was dissected
from the most posterior end of the tail to use in DNA prep. Tail tissue was denatured at 95ºC for
10 minutes in DNA lysis buffer (10mM Tris pH 7.5, 50mM KCl, 0.3% Tween20, 0.3% Triton X,
1mM EDTA) and digested using 2mg/mL proteinase-K (Omega) at 55ºC for at least 2h to
overnight. Proteinase-K was heat-inactivated at 95ºC for 10 minutes before the DNA was used in
a standard DreamTaq (Thermo) PCR reaction with gene-specific primers for gsx1 (FW: 5’TCCAGATCCACGACAGTTCC-3’, RV: 5’-TGACTGCTGCTATTTTCTGTTGA-3’) and gsx2
(FW:

5’-TGCGTATCCTCACACATCCA-3’,

RV:

5’-TGTCCAGGGTGCGCTAAC-3’).

Amplified DNA fragments were visualized and imaged using a Syngene NuGenius imager with
a blue light transilluminator (Clare Chemical Research) on a 4% agarose gel with SYBR Safe.
gsx1∆11 wild type individuals have one band (140bp), mutants have one band (129bp), and
heterozygotes have two bands at both sizes. gsx2∆13a wild type individuals have one band
(134bp), mutants have one band (121bp), and heterozygotes have two bands at both sizes.
in silico analyses and expression quantification of dlx2a and dlx2b
Zebrafish dlx2a (Accession: AF349437.2) and dlx2b (Accession: NM_131297.2) were
identified in the NCBI database. Gene sequences of the zebrafish, human, and mouse orthologs
as well as 25 kb upstream of the 5’ UTR of each gene were collected using Ensembl and entered
into ApE (http://jorgensen.biology.utah.edu/wayned/ape/). Assuming conservation of the
GSX1[24] and GSX2[29] enhancer sequences identified in mouse, the 25 kb region upstream of
each gene’s 5’UTR was scanned for enhancer sequence variants. Annotated gene body
schematics were designed in Inkscape (https://inkscape.org/) and drawn to scale using sequence
information from Ensembl and ApE. Expression of dlx2a and dlx2b was measured using FIJIImageJ by tracing the area of staining in the diencephalon or telencephalon. The telencephalon
area was measured and used as a proxy for head size to correct for embryo size differences.
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Quantification of dlx2a and dlx2b expression using RT-qPCR
Embryos derived from heterozygous gsx1∆11 or gsx2∆13a adults were dissected at 30
hpf in cold E3 chilled by housing a 60x15mm petri dish on ice. A dissection anterior to the spinal
cord was made to separate the head from the tail. Heads were stored in RNAlater (Sigma) at 4°C
for up to one month and tails were used for DNA extraction and genotyping as previously
described. 10-12 embryo heads of the same genotype were combined in a single 1.5mL snap tube
and total RNA was extracted using a phenol chloroform extraction method with TRI-Reagent.
0.5ug of total RNA was used to synthesize cDNA libraries using oligoDT (Superscript II FirstStrand Synthesis kit, Invitrogen). 1uL of cDNA was then used in a standard SYBR Green (BioRad) qPCR reaction using primers for ef1a (FW: 5’-TGATCTACAAATGCGGTGGA-3’, RV:
5’-CAATGGTGATACCACGCTCA-3’) dlx2a (FW: 5’-CCTGCAGAGGAGGTTTCAGA-3’,
RV:

5’-GGGTGGGATCTCTCCACTTT-3’)

and

dlx2b

(FW:

5’-

TCCTATGGCGCTTATGGAAC-3’, RV: 5’-GAGTAGATGGTTCGCGGTTT-3’). Samples
were run on a Bio-Rad CFX Connect Real Time System using Bio-Rad CFX Maestro 1.1
Software. The 2–∆∆Ct method[66] was used to analyze raw Ct values and calculate gene
expression changes relative to the housekeeping gene ef1a[67].
Microscopy and imaging
For WISH, embryos at 12 hpf were imaged at 6.3X on a Zeiss Stereo Discovery V.8
dissecting scope with an Axiocam 105 Color camera and analyzed using the ZEN 2.3 Lite
software. Embryos of the remaining ages (24 hpf-144 hpf) were dissected and mounted in 75%
glycerol under glass coverslips and imaged at 20x on a compound Zeiss Observer.Z1 with an
Axiocam 503 Color camera. Imaging of genotyped samples for mutant studies was done blind by
using a numeric code that could be aligned with genotype afterwards.
For FISH, embryos were dissected and mounted in 1x PBS under glass coverslips and
imaged on an Olympus BX61 confocal microscope with Fluoview FV100 software. Imaging
objectives were interchanged depending upon the area being investigated (Olympus UPlanApo,
20X or 40X oil immersion objectives with Olympus Immoil F30CC). Fluorophores used were
Alexa Fluor 488 (gsx1) and Alexa Fluor 546 (gsx2).
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For standard length measurements, embryos from heterozygous gsx1∆11 adults were
raised and imaged at 4 dpf, 14 dpf, 1 month, 2 months, and 3 months old. Fish were anesthetized
using MS-222, embedded in 1.5% low melt agarose in E3, and imaged next to a ruler on a Zeiss
Stereo Discovery V.8 dissecting scope with an Axiocam 105 Color camera. FIJI-ImageJ was
used to measure standard length[68].
For swim bladder inflation studies, embryos derived from heterozygous gsx1∆11 and
gsx2∆13a crosses were raised in 60x15mm petri dishes with 10 mL of E3 media at a density of
no more than 30 embryos per dish. The number of larvae with and without inflated swim
bladders were counted from days 3-6 and E3 was refreshed daily. Larvae were imaged on a Zeiss
Stereo Discovery V.8 dissecting scope with an Axiocam 105 Color camera.
Statistics
One-way ANOVAs with post hoc Tukey tests at α = 0.05 were performed in SPSS to
evaluate significant differences between genotypes for the gsx1 growth study and dlx2a/dlx2b
WISH expression analyses. For qPCR, independent two-tailed t-tests at α = 0.05 were performed
in SPSS to evaluate significant differences between 2–∆∆Ct values calculated from raw Ct values.
A Chi-square test (Pearson’s test) was performed using GraphPad to evaluate the association of
genotype and swim bladder inflation for gsx1 and gsx2 cross embryos at α = 0.05. Outliers for
the growth study and dlx2a/dlx2b WISH expression analyses were identified using GraphPad
(Grubb’s test) and removed. Sample sizes for all analyses were determined to be sufficient by a
power analysis (ClinCalc) at α = 0.05 and 80% power.
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RESULTS
gsx1 and gsx2 expression in zebrafish embryos and larvae
To assess similarity between the Gsx1 and Gsx2 protein sequences in zebrafish, mouse,
and human, we used a bioinformatics approach. We found that zebrafish Gsx1 shares 57/60
(95%) amino acids in the homeodomain with human and mouse GSX1 (Fig 1A). Zebrafish Gsx1
also shares 57/60 (93%) amino acids in the homeodomain with zebrafish, mouse, and human
Gsx2. Interestingly, the homeodomain sequence is 100% identical between zebrafish, mouse,
and human Gsx2. A rooted phylogenetic tree containing published Gsx1 and Gsx2 protein
sequences reveals that zebrafish Gsx1 and Gsx2 cluster with their mammalian orthologs and also
displays evolutionary divergence from Drosophila ortholog Ind (Fig 1B).
To document the neurodevelopmental time-course of gsx1 and gsx2 expression in
zebrafish, we extracted total RNA from zebrafish embryos, larvae, and adult whole brain for use
in RT-PCR (Fig 1C). gsx1 expression was identified at 10 hpf, consistent with a previous
report[27], and persisted through 1 year of development (dpf; Fig 1D). Expression of zebrafish
gsx2 was first detected at 12 hpf and also persisted through 1 year. Interestingly, gsx1 expression
was observed at 3.5 hpf, suggestive of maternal contributions of gsx1 to early embryonic
development. However, analysis of maternal zygotic gsx1 mutants generated through in vitro
fertilization revealed that gsx1 is not an essential maternal factor as maternal zygotic mutants are
indistinguishable from zygotic mutants and develop identically (data provided by request). From
these results, we can confirm that zebrafish gsx1 and gsx2 are expressed in zebrafish from
embryonic to adult stages, suggesting an importance in early and later brain development and
function.
Expression of gsx1 and gsx2 during early development is complementary yet unique
Expression of gsx1 in zebrafish is lacking beyond 30 hours post fertilization (hpf)[10,27]
and expression of zebrafish gsx2 is minimally reported from 48-72 hpf[30]. Outside of a
transgenic analysis documenting gsx1 and gsx2 expression together in the 36-48 hpf spinal
cord[10], expression of gsx1 and gsx2 during neurodevelopment in zebrafish has not been
comprehensively analyzed across many brain regions. We first used whole-mount in situ
hybridization (WISH) to comprehensively characterize and compare gsx1 and gsx2 expression in
zebrafish embryos and larvae. Consistent with RT-PCR results (Fig 1D), gsx2 expression was
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detected at 12 hpf in the presumptive forebrain in the anterior neural plate (Fig 2H). At 12 hpf
gsx1 is expressed in the presumptive hindbrain in rhombomere 3 (Fig 2A), consistent with a
previous report[27]. From 16-24 hpf gsx2 expression is present in the diencephalon and
telencephalon (Fig 2I-J), with 24 hpf marking the first appearance of gsx2 expression in the
caudal hindbrain (Fig 2K). Expression of gsx2 in the zebrafish spinal cord is seen clearly in
transgenic reporter lines at this time[10], but we predict endogenous gsx2 expression in this
region is highly transient and difficult to detect by WISH at a defined stage. From 16-24 hpf gsx1
expression is observed in the forebrain, midbrain, and hindbrain (Fig 2B-D). Unlike gsx2, gsx1 is
expressed across the rostral to caudal extent of the hindbrain at 24 hpf (Fig 2D). gsx2 expression
persists in the diencephalon, telencephalon, hindbrain, and spinal cord through 30 hpf (Fig 2LM) and at this age gsx1 is expressed in the diencephalon, tectum, hindbrain, and spinal cord (Fig
2E-F). Dorsal and cross-section views at this age reveal that gsx1 and gsx2 exist in two
dorsolateral columns in the hindbrain (Fig 2O-P, 2S-T).
gsx1 expression through 30 hpf has been consistent with a previous report[27], however
we continued characterizing gsx1 expression through larval development along with gsx2. By 48
hpf, gsx2 expression is restricted to the olfactory bulb, preoptic area, hypothalamus, pallium, and
hindbrain (Fig 2N, 2U-V). At this age, gsx1 expression is seen in the preoptic region,
hypothalamus, pretectum, optic tectum, cerebellar plate, hindbrain, and spinal cord (Fig 2G, 2QR). At 72 hpf gsx2 expression is faintly present in the pallium and olfactory bulb (Fig 3J-K),
while gsx1 expression persists in the pretectum, optic tectum, hypothalamus, and hindbrain (Fig
3A-C). Expression of gsx2 through 4-5 dpf persists faintly in the pallium and hindbrain (Fig 3LO), however gsx1 expression strongly persists in the pretectum, optic tectum, hypothalamus, and
hindbrain (Fig 3D-I). Collectively, these WISH analyses provide comprehensive insight to the
dynamic expression patterns of gsx1 and gsx2 during embryonic and larval stages in zebrafish.
Co-localization of gsx1 and gsx2 is minimal
To be more precise in assessing co-localization of gsx1 and gsx2 in cells, we turned to
fluorescence in situ hybridization (FISH) at late embryonic and early larval stages. At 24 hpf
gsx1 and gsx2 are regionally co-expressed at the border of the dorsal diencephalon and ventral
telencephalon (Figs 4Ai-iii and 4Bi-iii; max z-projections), however they very minimally colocalize in the same cells (insets in Figs 4Aiii and 4Biii; single z-stack plane). At this age gsx1 and
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gsx2 are also regionally co-expressed in the hindbrain, with gsx2 expressed dorsal to gsx1 (Fig
4Biv-vi). At 30 hpf, gsx1 and gsx2 are regionally co-expressed in the ventral diencephalon (Figs
4Ci-iii and 4Di-iii; max z-projections), however rarely co-localize in the same cells (insets in Figs
4Ciii and 4Diii; single z-stack plane). In the hindbrain at this age gsx1 and gsx2 remain segregated
dorsoventrally (Figs 4Civ-vi and 4Div-vi; max z-projections) and rarely co-localize in the same
cells (inset in Fig 4Dvi; single z-stack plane). By 48 hpf gsx1 and gsx2 are regionally coexpressed in the hypothalamus and preoptic area (Figs 5Ai-iii and 5Bi-iii; max z-projections),
however rarely co-localize in the same cells (insets in Figs 5Aiii and 5Biii; single z-stack plane).
Distinct segregation of gsx1 ventrally and gsx2 dorsally in the hindbrain is still apparent at 48 hpf
(Figs 5Aiv-vi and 5Biv-vi; max z-projections) however they rarely co-localize in the same cells
(inset in Fig 5Avi; single z-stack plane). Interestingly, by this age gsx1 expression appears to
extend ventrally while gsx2 expression remains isolated dorsally (Fig 5Aiv-vi, 5Biv-vi). This
finding is reminiscent of reported roles for Gsx2 and Gsx1 to regulate neuronal progenitor
proliferation versus differentiation, respectively [22], and we believe this ventral extension may
represent the outgrowth of axons and dendrites from differentiating neuronal progenitors. At 72
hpf regional co-expression of gsx1 and gsx2 is restricted to the preoptic area (Fig 5Ci-vi; max zprojections), however again, co-localization in the same cells is minimal (Fig 5Ciii; single z-stack
plane).
In brains dissected from 6 dpf larvae, we observed gsx1 and gsx2 expression patterns that
were not directly apparent through colorimetric WISH analyses. gsx1 expression appears in
regions reminiscent of our later stage WISH analyses including the pretectum, hypothalamus,
optic tectum, preoptic area, cerebellar plate, and hindbrain (Fig 6A-C, 6D-F). Dorsal views of the
brain confirmed that gsx2 is expressed in the pallium at this age (Fig 6A-C), and also revealed
distinct expression in the hindbrain not clearly observed through WISH. Additionally, ventral
views of the brain at this age also revealed that gsx2 is regionally co-expressed with gsx1 in the
hypothalamus (Fig 6D-F; max z-projections) however they are rarely co-localized in the same
cells (Fig 6F; single z-stack plane). Combined, our WISH analyses reveal that gsx1 and gsx2
expression is dynamic throughout neurodevelopment, and FISH demonstrates that they largely
exist in distinct cellular populations.
gsx1 and gsx2 TALENs mutants exhibit unique phenotypes
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There is limited knowledge of Gsx1 and Gsx2 function across several developing brain
regions in vertebrates that we report by WISH and FISH in zebrafish. In mouse, mutations in
Gsx1 leads to abnormal hypothalamic-pituitary signaling[41], and mutations in Gsx2 leads to
disturbed brain morphology[43]. To further determine the roles of Gsx1 or Gsx2 on vertebrate
neurodevelopment, we generated zebrafish mutants using TALENs (Fig 7A). For gsx1, we
generated alleles with an 11 base-pair (bp) deletion (gsx1Δ11), 5bp deletion (gsx1Δ5), and 1bp
insertion (gsx1Δpl1). For gsx2, we generated alleles with a 13bp deletion (gsx2Δ13a and
gsx1Δ13b) and 5bp deletion (gsx2Δ5). All mutations occur in the first exon of the zebrafish gsx1
and gsx2 genes and result in premature stop codons and phenotypes are consistent with a loss of
function across all gsx1 and gsx2 alleles.
Through assessing our gsx1 mutant zebrafish, we found that these fish experience stunted
growth starting at 14 dpf. No significant differences in standard length were found across
genotypes in 4 dpf larvae (Fig 7B), however by 14 dpf standard length of gsx1-/- larvae was
significantly smaller than gsx1+/- siblings (p=0.002). By one month gsx1-/- larvae were
significantly smaller than both gsx1+/+ and gsx1+/- siblings (p<0.001 for both) and this
difference persisted through 2 months (p<0.001 for both) and 3 months of age (p<0.001 for
both). These analyses reveal a growth-related phenotype in gsx1 mutant zebrafish similar to
reports in mouse[41]. However, unlike Gsx1 mutant mice, our gsx1 mutant zebrafish survive to
adulthood, allowing investigations of early and later Gsx1 function across brain regions.
Embryos derived from heterozygous gsx2Δ13a parents are indistinct from gsx1Δ11+/cross embryos (Fig 7C, top). However, gsx2Δ13a-/- embryos largely fail to inflate their swim
bladders under standard rearing conditions by 6 dpf, preventing their survival. There was a
significant association between swim bladder inflation and genotype in gsx2Δ13a+/- cross
embryos, as less gsx2Δ13a-/- embryos had inflated swim bladders compared to gsx2Δ13a+/+ and
gsx2Δ13a+/- embryos (Fig 7C, bottom; X2=22.8, p<0.001). Swim bladder inflation did not differ
between genotypes in gsx1Δ11 cross embryos (X2=.32, p=.851). These results demonstrate that
swim bladder inflation failure is a result of a mutation in gsx2, and supports the important
developmental role for Gsx2 in vertebrates, including zebrafish.
Gsx1 and Gsx2 differentially regulate distal-less homeobox 2a and 2b
Enhancer sequences have been reported for murine GSX1[24] and GSX2[29], and
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previous studies report Distal-less homeobox 2 (Dlx2) as a target gene of GSX1 and GSX2 in
mouse[54]. Dlx2 expression overlaps with Gsx1 and Gsx2 in the medial, caudal, and lateral
ganglionic eminences (MGE, CGE, and LGE, respectively) of the mouse telencephalon where
they coordinately regulate early neuronal progenitor patterning [40,69,70]. This work has shown
that GSX1 and GSX2 upregulate Dlx2 [54]. Therefore, we sought to determine if the zebrafish
orthologs dlx2a and dlx2b are Gsx1 and Gsx2 target genes. Published gene sequences for human,
mouse, and zebrafish Dlx2 were analyzed in silico for Gsx1 and Gsx2 enhancer sequences that
we assume are conserved in zebrafish. We found that human DLX2, mouse Dlx2, and zebrafish
dlx2b possess putative Gsx1 and Gsx2 enhancer sequences upstream of their 5’ untranslated
regions (UTRs). Human DLX2 and zebrafish dlx2b possess a putative enhancer sequence that
both Gsx1 and Gsx2 could bind to (Fig 9A). Zebrafish dlx2a possesses putative Gsx2 enhancer
sequences only.
To determine if Gsx1 or Gsx2 regulate dlx2a and/or dlx2b in zebrafish, we quantified
dlx2a and dlx2b expression in 30 hpf embryos yielded from gsx1Δ11+/-;gsx2Δ13a+/- crosses
using WISH and RT-qPCR. We found that dlx2a expression is not significantly different
between gsx1Δ11+/+;gsx2Δ13a+/+ and gsx1Δ11-/-;gsx2Δ13a+/+ embryos (Fig 8BI-II), however
is significantly reduced in both gsx1Δ11+/+;gsx2Δ13-/- and gsx1Δ11-/-;gsx2Δ13a-/- embryos in
the diencephalon (p<0.001 for both) and telencephalon (p<0.001 for both; Fig 8BIII-IV and
graphs). Expression of dlx2b is not different between gsx1Δ11+/+;gsx2Δ13a+/+ and gsx1Δ11-/;gsx2Δ13a+/+

embryos

(Fig

8BV-VI),

however

is

significantly

reduced

in

both

gsx1Δ11+/+;gsx2Δ13-/- and gsx1Δ11-/-;gsx2Δ13a-/- embryos in the diencephalon (p<0.001 for
both) and telencephalon (p<0.001 for both; Fig 8BVII-VIII and graphs).
Consistent with WISH, RT-qPCR revealed that dlx2b expression is significantly reduced
in gsx1Δ11+/+;gsx2Δ13a-/- and gsx1Δ11-/-;gsx2Δ13a-/- embryos compared to wild-types
(p=0.005 and 0.002, respectively; Fig 8D). Furthermore, we also observed that dlx2b expression
is significantly reduced in gsx1Δ11-/-;gsx2Δ13a-/- embryos compared to gsx1Δ11+/+;gsx2Δ13a/- embryos (p=0.012), suggesting that Gsx1 partially sustains dlx2b expression which becomes
further reduced upon mutations in both gsx1 and gsx2. Unlike WISH, RT-qPCR showed that
dlx2a expression is only significantly reduced in gsx1Δ11-/-;gsx2Δ13a-/- embryos (p=<0.001)
and not in gsx1Δ11+/+;gsx2Δ13a-/- embryos (p=0.225; Fig 8D). WISH shows that in
gsx1Δ11+/+;gsx2Δ13a-/- embryos, dlx2a and dlx2b expression is lost in the telencephalon, where
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gsx2 is expressed, yet sustained in the diencephalon, where gsx1 is expressed. This suggests that
zebrafish Gsx1 and Gsx2 differentially regulate dlx2a and dlx2b expression in the telencephalon
and diencephalon and that visible changes in dlx2a expression cannot be detected by RT-qPCR
of whole brains at 30 hpf.
DISCUSSION
gsx1 and gsx2 expression during neurodevelopment in zebrafish embryos and larvae
In this study, we comprehensively document gsx1 and gsx2 expression in embryonic and
larval zebrafish through WISH and FISH, and our analysis presents a time-course for their coexpression during neurodevelopment. In embryonic and larval stages in zebrafish, gsx1 is
expressed in the diencephalon, hypothalamus, preoptic region, hindbrain, cerebellar plate, spinal
cord, optic tectum, and pretectum. Across these ages gsx2 is expressed in the telencephalon,
hypothalamus, pallium, olfactory bulb, and hindbrain. These patterns are largely consistent with
expression of Gsx1 and Gsx2 in mouse[24,29], medaka[26], Xenopus[25], and previous reports
in zebrafish[10,27,30] with minor exceptions. In Xenopus, Gsx2 is first detected slightly earlier
than Gsx1, however we report in zebrafish that gsx1 is expressed at 10 hpf slightly earlier than
gsx2 at 12 hpf. Furthermore, we report that gsx2 and not gsx1 is expressed in the olfactory bulb
in zebrafish, however in Xenopus Gsx1 and not Gsx2 is expressed in this region.
FISH revealed that regional co-expression of gsx1 and gsx2 occurs in the hypothalamus,
preoptic area, and hindbrain in zebrafish, however they rarely co-localize in the same cells. In the
hindbrain, gsx1 and gsx2 exist in two adjacent dorsolateral columns with gsx2 dorsal to gsx1,
consistent with previous reports and their roles in dorsoventral patterning[24,25]. gsx1
expression and function in the hypothalamus has been shown in medaka, Xenopus, mice, and
zebrafish[24–27,41], however no roles for gsx2 in the hypothalamus have been reported. We
show that gsx1 and gsx2 are regionally co-expressed in the hypothalamus in zebrafish, which
necessitates further studies of Gsx2 function in this region. Zebrafish gsx2 expression in the
hypothalamus begins between 24-30 hpf (Fig 2J, 2L), slightly earlier than the onset of gsx1 in
this region between 30-48 hpf (Fig 2E, 2G). Expression of both gsx1 and gsx2 is sustained in the
hypothalamus through 6 dpf (Fig 6). Functions for Gsx1 and Gsx2 in this region in zebrafish
could be similar to reports in mouse forebrain showing that Gsx2 maintains neuronal progenitor
pools and Gsx1 drives neuronal differentiation[22]. Collectively, these findings are significant
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for future reports investigating Gsx1 and Gsx2 function together and separately across brain
regions where they are co-expressed and have been under-analyzed.
Mutations in gsx1 and gsx2 in zebrafish disturbs early growth and development
We observed a reduced growth phenotype in gsx1 mutant zebrafish through adulthood.
These studies provide a detailed description of the onset of significant growth deficits as well as
the basic trend and continuation of these deficits. We observed that significant deficits were not
present at 4 dpf, but appeared by 14 dpf, allowing us to determine the relative window under
which these deficits begin. This data is consistent with work in Gsx1 mutant mice, which were
the same size as their wild type siblings at birth but began to show growth deficits as
development progressed[41]. Unlike Gsx1 mutant mice, our gsx1 mutant zebrafish survive to
adulthood, permitting investigations of later Gsx1 function. The premature death of the Gsx1
mutant mice is attributed to defects in neurogenesis in the early forebrain regions where cortical
interneurons are derived[22,54], however zebrafish lack a cerebral cortex. Thus, continued
examination of the impact of mutations in gsx1 in zebrafish will highlight relevance to function
in mammals.
We have additionally identified a unique swim bladder inflation failure phenotype in gsx2
mutant zebrafish that prevents their survival, supporting the critical role for Gsx2 in growth and
development amongst vertebrates. Gsx2 mutant mice fail to survive more than a day following
birth, however also exhibit severely disrupted forebrain and hindbrain morphology. We have not
yet investigated brain morphology in our zebrafish mutants, however we demonstrate that
expression of dlx2a and dlx2b is disturbed in our gsx2 mutant zebrafish as well as our gsx1 and
gsx2 double mutants. Comprehensive knowledge of GSX1 and GSX2 function together and
separately is minimal outside of the mouse forebrain[34,44,54] and few reports in the
cerebellum[30,50,71] and spinal cord[7,10,52]. As such, analysis of Gsx1 and Gsx2 function in
our zebrafish mutants in these and other regions can supplement these reports.
dlx2a and dlx2b as transcriptional target genes of Gsx1 and Gsx2
A complex relationship between the Gsx and Dlx genes has been reported in the mouse
forebrain[54]. During early neurodevelopment, the Gsx and Dlx genes regulate a major
transcriptional control program that dictates expression of a large list of diverse target genes.
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Using WISH and RT-qPCR we demonstrated regulation of dlx2a and dlx2b by Gsx1 and Gsx2 in
our gsx1 and gsx2 mutant zebrafish. Conservation of major transcription factor networks in the
developing brain across species would suggest that regulation of many target genes is also
conserved, providing rationale for future studies of these networks in zebrafish.
Our data suggests that in zebrafish, Gsx2 is largely responsible for regulating expression
of dlx2a and dlx2b. Through WISH we identified significant reductions in dlx2a and dlx2b
expression in the telencephalon of gsx1Δ11+/+;gsx2Δ13a-/- and gsx1Δ11-/-;gsx1Δ11-/- embryos
(Fig 8). In the diencephalon, dlx2a expression was reduced in both gsx1Δ11+/+;gsx2Δ13a-/- and
gsx1Δ11-/-;gsx1Δ11-/- embryos, however dlx2b expression was only reduced in gsx1Δ11-/;gsx1Δ11-/- embryos, suggesting that Gsx1 may be compensating for Gsx2 and sustaining dlx2b
expression in the diencephalon specifically. RT-qPCR analysis of dlx2b expression was
consistent with these results, revealing significant reductions in gsx1Δ11+/+;gsx2Δ13a-/embryos and more significant reductions in gsx1Δ11-/-;gsx2Δ13a-/- embryos. Unlike our WISH
analysis, RT-qPCR shows that dlx2a expression is only significantly reduced in gsx1Δ11-/;gsx1Δ11-/- embryos and not gsx1Δ11+/+;gsx1Δ11-/- embryos. One potential explanation for this
variability is the pattern in which dlx2a expression is reduced by WISH. In gsx1Δ11-/;gsx2Δ13a-/- embryos, dlx2a expression is lost in the telencephalon, where gsx2 is expressed,
however not in the diencephalon, where gsx1 is expressed, suggesting that dlx2a expression is
regulated by Gsx1 in the diencephalon specifically. This variability could also be related to
inconsistency in transcript detection through qPCR. However, our in situ probe for dlx2a detects
a product that overlaps completely with the transcript amplified by our dlx2a qPCR primers, and
we predict these targets are identical for both dlx2a splice variants that exist in zebrafish.
Collectively, these results demonstrate that a complex relationship between the gsx and dlx
genes[54] exists in zebrafish. Future studies will focus on confirming more Gsx1 and Gsx2 target
genes in zebrafish in order to elucidate their unique and overlapping roles during CNS
development.
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Fig 1. Gsx1 and Gsx2 are conserved across vertebrates and expressed in zebrafish from
embryonic stages through adulthood. A) Amino acid sequence alignment of zebrafish, mouse,
and human Gsx1 and Gsx2 proteins (Dr, Danio rerio; Mm, Mus musculus; Hs, Homo sapiens).
Identical amino acids are shaded in black, similar amino acids are shaded in grey, and the region
encoding the conserved DNA-binding homeodomain is underlined in orange. B) Rooted
phylogenetic tree displaying the clustered relationship of published Gsx1 and Gsx2 proteins as
well as a divergence from the Drosophila ortholog Ind. Values represent distance scores. (Dm,
Drosophila melanogaster; Lo, Lepisosteus oculatus; Ol, Oryzias latipes; Xt, Xenopus tropicalis).
C) Schematic of the zebrafish gsx1 and gsx2 gene bodies. Blue boxes represent exons, black
lines represent introns, and the orange boxes represent the homeodomain. Red arrowheads
represent primer annealing sites for RT-PCR analyses. D) Agarose gels displaying full-length
RT-PCR transcripts of zebrafish gsx1 (top), gsx2 (middle), and ef1a (bottom, control) at specific
ages. 2ug of age-specific cDNA generated from total RNA extracts was used. Red numbers to
the left indicate ladder sizes. Upper bands in the gsx1 gel image represents genomic DNA.
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Fig 2. Expression of gsx1 and gsx2 in embryonic zebrafish is dynamic and unique. A-G)
Lateral mounts showing expression of gsx1 from 12-48 hpf. H-N) Lateral mounts showing
expression of gsx2 from 12-48 hpf. O-R) Dorsal (O & Q) and ventral (P & R) mounts showing
expression of gsx1 from 30-48 hpf. S-V) Dorsal (S & U) and ventral (T & V) mounts showing
expression of gsx2 from 30-48 hpf. A, B, H, and I are dissecting scope images and scale bar
represents 500µm. Remaining images are compound scope images taken at 20X with samples
mounted under cover glass and anterior facing left. Scale bars represent 100µm. Eyes are
dissected in lateral mounts. CeP = cerebellar plate, Di = diencephalon, Fb = forebrain, Hb =
hindbrain, Hyp = hypothalamus, Mb = midbrain, OB = olfactory bulb, P = pallium, Po = preoptic
area, Pr = pretectum, Sc = spinal cord, Tel = telencephalon, TeO = optic tectum.
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Fig 3. Expression of gsx1 and gsx2 is restricted in late embryonic and early larval stages. AI) Expression of gsx1 from 72-120 hpf. Leftmost row are dorsal views, middle row are ventral
views, and rightmost row are lateral views. J-O) Expression of gsx2 from 72-120 hpf. Left row
are dorsal views and rightmost row are lateral views. All images are compound scope images
taken at 20X with samples mounted under cover glass and anterior facing left. Scale bars
represent 100µm. Eyes were dissected in lateral views. Insets are whole brain dissections at the
same age mounted dorsally. Hb = hindbrain, Hyp = hypothalamus, OB = olfactory bulb, P =
pallium, Pr = pretectum, TeO = optic tectum.
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Fig 4. Fluorescence in situ hybridization confirms minimal co-localization of gsx1 and gsx2
during embryonic development. Ai-Avi) Lateral views of gsx1 and gsx2 expression at 24 hpf.
Bi-Biii) Ventral view of gsx1 and gsx2 expression at 24 hpf. Biv-Bvi) Cross section view taken at
the dashed line in Avi. Ci-Cvi) Lateral views of gsx1 and gsx2 expression at 30 hpf. Di-Diii)
Ventral view of gsx1 and gsx2 expression at 30 hpf. Div-Dvi) Cross section view taken at the
dashed line in Cvi. Lateral views were taken at 20X and ventral/cross section views were taken at
40X, all with anterior facing left. All were pseudocolored using FIJI ImageJ and scale bars
represent 100µm. For lateral views, eyes were dissected. Main images are max projections and
insets are single slices zoomed into the boxed region shown in the main image. Di =
diencephalon, Hb = hindbrain, Mb = midbrain, Sc = spinal cord, Tel = telencephalon.
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Fig 5. Fluorescence in situ hybridization confirms minimal co-localization of gsx1 and gsx2
during late embryonic and early larval development. Ai-Avi) Lateral views showing
expression of gsx1 and gsx2 at 48 hpf. Bi-Bii) Ventral views showing expression of gsx1 and
gsx2 at 48 hpf. Biv-Bvi) Cross section view taken at the dashed line in Avi. Ci-Ciii) Lateral view
showing gsx1 and gsx2 expression at 72 hpf. Civ-Cvi) Ventral view showing gsx1 and gsx2
expression at 72 hpf. Lateral views were taken at 20X and ventral/cross section views were taken
at 40X, all with anterior facing left. All were pseudocolored using FIJI ImageJ and scale bars
represent 100µm. For lateral views, eyes were dissected. Main images are max projections and
insets are single slices zoomed into the boxed region shown in the main image. CeP = cerebellar
plate, Di = diencephalon, Hb = hindbrain, Hyp = hypothalamus, Mb = midbrain, OB = olfactory
bulb, P = pallium, Po = preoptic area, Pr = pretectum, Sc = spinal cord, Tel = telencephalon, TeO
= optic tectum.
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Fig 6. gsx1 and gsx2 are expressed through 6dpf. A-C) Dorsal views showing expression of
gsx1 and gsx2 at 6 dpf. D-F) Ventral views showing expression of gsx1 and gsx2 at 6 dpf. Images
taken at 20X with anterior facing left. All were pseudocolored using FIJI ImageJ and scale bars
represent 100µm. Main images are max projections and insets are single slices zoomed into the
boxed region shown in the main image. Hb = hindbrain, Hyp = hypothalamus, OB = olfactory
bulb, P = pallium, Po = preoptic area, Pr = pretectum, Tel = telencephalon, TeO = optic tectum.
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Fig 7. gsx1 TALENs mutants experience stunted growth and gsx2 TALENs mutants
experience swim bladder inflation failure. A) Schematic of the gsx1 and gsx2 gene bodies and
targeted TALENs mutation site (*). All mutations result in a premature stop codon. Text color
corresponds with gene body structure (blue = exon, black = intron, orange = homeodomain, red
= mutant sequence). Inset gel shows restriction digest of gsx1 and gsx2 amplicons in wild type
(W), heterozygous (H) and mutant (M) individuals. Endonuclease cutting is disrupted in mutants.
B) Comparison of the standard length (SL, red line) of gsx1Δ11 wild type, heterozygous, and
mutant siblings at 30 dpf. Images are dissecting scope images and distances between tick marks
represent 1mm. Graph shows the quantification of the long-term growth study data from 4 dpf to
99 dpf. Asterisks of each color indicate significant differences between that group and the
genotype of the same color (blue, wild type; red, heterozygous; green, mutant). C) Top,
comparison of gsx1Δ11 and gsx2Δ13a wild types and mutants with (+SB) and without (-SB)
swim bladders, respectively; Bottom, quantification of the percentage of embryos of each
genotype with and without swim bladders (gsx1 n=73, gsx2 n=60).
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Fig 8. Gsx1 and Gsx2 differentially regulate dlx2a and dlx2b expression. A) Schematic of
Gsx1 and 2 enhancer sequences in the Dlx2 orthologs. B) Left, dlx2a expression at 30 hpf in
WT, gsx1Δ11-/, gsx2Δ13a-/-, and gsx1Δ11-/-;gsx2Δ13a-/- zebrafish. Images are 20X compound
scope images with samples mounted under cover glass, eyes dissected, and anterior facing left.
Scale bar = 100µm. Right, FIJI-ImageJ quantification of expression in the telencephalon (grey
bars) and diencephalon (white bars). Genotypes are listed under the X axis. Different letters
represent significant differences. C) Left, dlx2b expression at 30 hpf in WT, gsx1Δ11-/-,
gsx2Δ13a-/-, and gsx1Δ11-/-/gsx2Δ13a-/- zebrafish; Right, quantification of expression. D) RTqPCR data showing relative expression of dlx2a (blue bars) and dlx2b (red bars) in WT,
gsx1Δ11-/-, gsx2Δ13a-/-, and gsx1Δ11-/-;gsx2Δ13a-/- zebrafish compared to the reference gene
ef1a. Different letters indicate significant differences within each target gene. E) Schematics of
gsx1, gsx2, dlx2a, and dlx2b expression at 30 hpf.
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CHAPTER 3
Elucidating the Gsx1 and Gsx2 gene regulatory network in zebrafish
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INTRODUCTION
Gsx1 and Gsx2 are expressed in distinct domains in the mouse ventral telencephalon
where they differentially regulate neuronal progenitor maturation1,2. Gsx1 is expressed in the
medial ganglionic eminence (MGE) and represses Gsx2, which is expressed in the lateral and
caudal ganglionic eminences (LGE and CGE)2. This inhibitory relationship has not been
comprehensively analyzed across all brain regions that Gsx1 and Gsx2 are expressed in and has
yet to be analyzed in zebrafish. Several GSX1 and GSX2 target genes exist in the mouse
forebrain, hindbrain, and spinal cord1,3–5, however we lack knowledge of Gsx1 and Gsx2 target
genes in other vertebrates. Many GSX1 and GSX2 target genes reported in mouse exist as
duplicate paralogs in zebrafish, such as Achaete-scute homolog 1 (Ascl1; ascl1a and ascl1b in
zebrafish), Ladybird homeobox 1 (Lbx1; lbx1a and lbx1b) and Developing Brain Homeobox 1
(Dbx1; dbx1a and dbx1b). However, regulation of these and other paralogous genes by Gsx1 and
Gsx2 in zebrafish remains understudied. Chapter 2 demonstrates that gsx1 and gsx2 are
expressed dynamically across brain regions during zebrafish neurodevelopment and that colocalization in the same cells is rare. Additionally, this chapter demonstrates that dlx2a and dlx2b
are Gsx1 and Gsx2 target genes. This work suggests unique roles for Gsx1 and Gsx2 during
zebrafish neurodevelopment and bolsters the need for investigating putative Gsx1 and Gsx2
target genes.
In this chapter, I supplement previous research by investigating the regulatory
relationship between Gsx1 and Gsx2 in zebrafish using whole mount in situ hybridization,
fluorescence in situ hybridization, and RT-qPCR. RT-qPCR analyses show that gsx1 and gsx2
expression does not change in gsx2Δ13a-/- and gsx1Δ11-/- zebrafish, respectively, although
WISH and FISH analyses suggest that gsx1 expression does increase in gsx2Δ13a mutants.
Using mRNA microinjections, I also show that gsx1 overexpression partially rescues reduced
gsx2 expression in gsx2Δ13a-/- zebrafish, while gsx2 overexpression results in increased
mortality and morphological deformities. Finally, I present an in silico analysis of single-cell
sequencing reports in zebrafish that suggest many Gsx1 and Gsx2 target genes exist across
developing brain regions. Comparing this data to previously generated in silico data from our lab
demonstrates the validity of these methods for predicting Gsx1 and Gsx2 target genes. Together,
this work provides the basis for future investigations of zebrafish Gsx1 and Gsx2 function and
target gene regulation in the brain regions they are expressed in.
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Regulation between GSX1 and GSX2 in mouse
The regulatory relationship between GSX1 and GSX2 has been well characterized in the
embryonic mouse telencephalon. Gsx1 is expressed in the medial ganglionic eminence (MGE)
which is ventral to Gsx2 expression the lateral and caudal ganglionic eminences (LGE and
CGE)2. Conditional overexpression of Gsx1 in the telencephalon abolishes Gsx2 expression in
the LGE, and in Gsx1 mutants there is an increase in the number of Gsx2-expressing cells in the
ventral LGE bordering the dorsal MGE. Therefore, Gsx1 downregulates Gsx2. Furthermore,
conditional overexpression of Gsx2 in the telencephalon partially limits the range of Gsx1
expression, suggesting that GSX2 partially represses Gsx1. Together, these results confirm a
complex, largely inhibitory relationship between the Gsx genes in mouse, however this
relationship is understudied across other brain regions expressing the Gsx genes.
Interestingly, Gsx1 expression expands dorsally into the LGE of Gsx2 mouse mutants6,
and this expansion coincides with the re-establishment of ventral identity amongst neuronal
progenitors. This suggests that GSX1 is capable of compensating for loss of GSX2 function.
Accordingly, removal of Gsx1 from Gsx2 mutants results in a more severe phenotype. These
studies demonstrate how the complicated relationship between the Gsx genes in mouse is
important for delineating regional identity in early telencephalon domains1. Furthermore, their
inhibitory relationship has been shown to differentially regulate progenitors maturation;
specifically, Gsx1 promotes differentiation while Gsx2 maintains progenitors in an
undifferentiated state2. Together, work in mouse demonstrates how GSX1 and GSX2 work
coordinately to regulate early forebrain development, however we lack knowledge of these roles
in other brain regions in mouse and other vertebrates.
In mouse, few studies report Gsx1 and Gsx2 together in the spinal cord4 and
independently in the cerebellum5, and hypothalamus7. Little knowledge of their function in other
regions exists, such as Gsx1 in the medulla and pons, and Gsx2 in the hypothalamus, and less is
known in zebrafish outside of few studies in the medulla8 and spinal cord9. Chapter 2
demonstrates that gsx1 and gsx2 are expressed across several brain regions in the developing
zebrafish CNS that are consistent with reports in other vertebrates, such as the telencephalon,
diencephalon, hypothalamus, hindbrain, and spinal cord (Chapter 2, Figures 2-3). Therefore,
Gsx1 and Gsx2 may hold important roles across brain regions in the zebrafish CNS.
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GSX target genes in the mouse forebrain
A well-studied genetic network regulated by GSX1, GSX2, and the Distal-less homeobox
transcription factors (DLX1 and DLX2)3 exists in the embryonic mouse forebrain. In mouse, Dlx
genes regulate patterning of inhibitory interneurons that contribute to cortical development and
function. Importantly, disruptions in these processes are often seen in schizophrenia and autism
spectrum disorder patients10–13. Dlx1 and Dlx2 are expressed throughout the mouse telencephalon
and exhibit complex regional relationships with the Gsx genes. GSX1 and GSX2 promote Dlx1
and Dlx2 expression1,14–16, and in turn DLX1 and DLX2 repress both Gsx genes17,18. Gsx2, Dlx1,
and Dlx2 all promote dorsal LGE identity, therefore this relationship likely mediates the
proliferative characteristics of this region. Consistent with this, removal of Gsx1 and Gsx2 from a
Dlx1/2 mutant background restores some phenotypes of single Dlx1/2 mutants, suggesting a
controlled balance between the Gsx and Dlx genes is required for appropriate patterning.
Three major pathways emanate from the GSX/DLX regulatory network in the forebrain:
1) neuronal differentiation driven by Dlx1/2, 2) maintenance of progenitors by Achaete-scute
homolog 1 (Ascl1; previously known as Mash1) and 3) oligodendrocytes production by
Oligodendrocyte transcription factor 2 (Olig2). Ascl1 regulates forebrain progenitor
differentiation1,2, and is required for the rescue of progenitor identity by GSX1 in Gsx2 mouse
mutants19. Olig2 coordinately regulates oligodendrogenesis with Gsx2 specifically20,21.
One study comprehensively investigated the three aforementioned pathways and reported
several Gsx1 and Gsx2 target genes. In the septum, GSX2 regulates Ascl1, Forkhead box protein
P2 (FoxP4), ISL LIM Homeobox 1 (Islet1), Olig2, Transcription factor SP9 (SP9), ETS Variant
Transcription Factor 1 (ER81), Gastrulation Brain Homeobox 1 (Gbx1), PBX Homeobox 1
(Pbx1), SIX Homeobox 3 (Six3), and Ventral Anterior Homeobox 1 (Vax1). In this region, GSX1
regulates Dlx1, Gbx1, and LIM Homeobox 6 (Lhx6). In the LGE and CGE, where Gsx2 is
expressed, GSX2 regulates Neurogenin-2 (Ngn2), Ascl1, Dlx1, Vax1, Glutamate Decarboxylase
1 (Gad1), Aristaless Related Homeobox (Arx), and Islet1 expression. In the MGE, where Gsx1 is
expressed, GSX1 regulates Gad1, Lhx6, NK2 Homeobox 1 (Nkx2.1), and SP9 expression. Other
studies have added to this list, demonstrating that Gsx1 and/or Gsx2 regulate expression of
Developing Brain Homeobox 1 (Dbx1)1,22, T-box brain protein 2 (Tbr2)1, Paired Box 6 (Pax6)22,
SP822, Teashirt zinc finger family member 1 (Tshz1; previously Mtsh1)22, Secreted Frizzled
Related Protein 2 (Sfrp2)22, and Transforming growth factor alpha (Tgfα)22. Therefore, a
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complex network of genes regulated by GSX1 and GSX2 exists in mice. Very little is known
regarding target gene regulation by Gsx1 and Gsx2 in zebrafish across brain regions.
Investigating these putative targets across CNS regions in zebrafish will better our understanding
of Gsx1 and Gsx2 function and relevance in neurodevelopment from fish to mammals.
GSX target genes in the mouse and zebrafish hindbrain
In the mouse cerebellum GSX1 negatively regulates Olig2 to promote cerebellar neuronal
progenitor identity5,23. This regulation is accomplished in part through the integration of a
temporally-regulated BMP/SMAD signaling gradient. During early neurogenesis, high
BMP/SMAD activity represses Gsx1, and as development proceeds a gradual dorsoventral
decline in activity alleviates suppression of Gsx1. Subsequently, dorsal and ventral expression of
Olig2 and Gsx1, respectively, specifies the transition of cerebellar Purkinje cell progenitors to
GABAergic interneurons. Pax2, which marks interneurons, is indirectly mis-regulated in Gsx1
and Olig2 mutants.
In the developing zebrafish hindbrain Gsx2 is reported to specify neuronal fate in the
inferior olivary (IO) nuclei of the medulla8. Interestingly, mutations in gsx2 and ptf1a both lead
to reductions in IO progenitors, however gsx2 and ptf1a were not found to regulate each other.
This study revealed that IO progenitor dynamics are controlled by regulation of gsx2 with other
factors such as Fibroblast growth factor 3/8a (Fgf3/8a) and retinoic acid (RA), which are known
to control rostro-caudal hindbrain patterning24,25. gsx2 expression is negatively regulated by Fgf3
and Fgf8a and positively by RA. These same signals were also found to regulate expression of vmaf avian musculoaponeurotic fibrosarcoma oncogene homolog Ba (mafba) and homeobox B4a
(hoxb4a), and interestingly mutations in mafba and hoxb4a resulted in increased gsx2 expression.
GSX target genes in the spinal cord
GSX1 and GSX2 regulate the emergence of excitatory (glutamatergic) versus inhibitory
(GABAergic) cell fate in mouse spinal sensory interneurons4. Interactions between GSX1,
GSX2, and ASCL1 during early neurogenesis differentially regulates Pancreas transcription
factor 1a (Ptf1a) and Paired box 2 (Pax2) expression; upregulation of Ptf1a promotes inhibitory
fates and subsequent expression of postmitotic determination factors26, while lack of Ptf1a
allows the T cell leukemia homeobox genes Tlx1 and Tlx3 to be expressed and promote
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excitatory fates27. Ladybird homeobox 1 (Lbx1) expression is sustained in both populations
(glutamatergic and GABAergic) to promote dorsal identity28. These interactions change during
later neurogenesis; ASCL1 switches function to inhibit the Gsx genes instead of working
coordinately with them. This switch promotes Ptf1a expression in one progenitor population,
resulting in inhibitory fates, while at the same time upregulating Notch in the second population,
resulting in excitatory fates. Together, these dynamics allow for the simultaneous emergence of
glutamatergic and GABAergic identities from a single common pool.
A transgenic analysis in the zebrafish spinal cord revealed the presence of six progenitor
domains reminiscent of dorsal spinal cord organization in mouse9. Gene expression in these
domains is consistent with mouse with only minor differences in organization29. The progenitor
domains in zebrafish are demarcated, from dorsal to ventral, by Tg[atoha1a:GFP] (atonal bHLH
transcription factor 1a), Tg[neurog1:RFP], Tg[gsx2:GFP], Tg[gsx1:RFP], and Tg:[dbx2:RFP],
and Tg:[dbx1:RFP]. Like mouse, gsx1- and gsx2-expressing progenitors in the zebrafish spinal
cord give rise to both inhibitory and excitatory fates. However, a key difference in zebrafish is
that gsx2-expressing progenitors give rise to glutamatergic interneurons, while gsx1-expressing
progenitors give rise to glutamatergic, glycinergic, and GABAergic interneurons. It is important
to note that this transgenic study investigated these identities at a single age unlike the mouse
study which monitored early and later-born progenitors. Combined, these studies highlight
similarities in Gsx regulatory pathways between fish and mammals and provide rationale for
investigating putative target genes in zebrafish.
Summary
Comprehensive knowledge of the regulatory dynamics between Gsx1 and Gsx2 in
several CNS regions is lacking across vertebrates. Past research, mostly in the mouse forebrain,
has revealed several transcriptional target genes of Gsx1 and Gsx23,30. Enhancer sequences for
murine Gsx1 (GCC/TA/CATTAA/G31) and Gsx2 (CA/T/G/CAATTAG32) have been reported,
however to date no target genes have been reported in zebrafish. Thus, there is a gap in
knowledge regarding the relationship between Gsx1 and Gsx2 and their target gene regulation in
zebrafish. Chapter 2 demonstrates that gsx1 and gsx2 are expressed across several brain regions
in the developing zebrafish CNS, and that dlx2a and dlx2b are Gsx target genes in the zebrafish
forebrain. Thus, the zebrafish TALENs mutants provide an important new tool with which we
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can validate and identify Gsx1 and Gsx2 target genes in zebrafish. In this chapter, I describe the
regulatory relationship between Gsx1 and Gsx2 in zebrafish using whole mount in situ
hybridization (WISH), fluorescence in situ hybridization (FISH), and RT-qPCR. I also provide
initial insight to their putative gene regulatory network across brain regions using in silico
analyses. Together, this work provides a framework for future studies of Gsx1 and Gsx2 function
across many developing brain regions in zebrafish that will develop relevance to Gsx
transcription factor function in vertebrate neurodevelopment.
METHODS
WISH: All procedures in this chapter have been approved by the WVU IACUC. Heterozygous
adults (gsx1Δ11, gsx1Δ5, gsx2Δ13a, gsx1Δ5; housed in our fish facility on a 14h/10h light/dark
cycle with room temperature at 25°C and water temperature at 28-29°C) were bred using
breeding chambers with dividers. Embryos were raised in E3 Embryo Media ((pH 7.4; 0.005M
NaCl, 0.00017M KCl, 0.00033M CaCl, 0.00033M MgSO4.7H20, 1.5 mM HEPES) in an
incubator operating on a 14h/10h light/dark cycle at 28.5°C. After 6 hpf, E3 was supplemented
with 0.003% phenylthiourea (PTU) to prevent pigmentation by inhibiting all tyrosinasedependent steps during melanogenesis. Embryos were fixed at the desired ages in cold 4%
paraformaldehyde (PFA) made in 1x PBS at 4°C overnight. Fixed embryos were dehydrated
using an increasing methanol wash series in 1x PBS (0%, 50%, 100% vol/vol methanol) and
stored at -20°C in 100% MeOH for at least 24 hours and up to one year. The gsx1 probe was
previously reported33, and the gsx2 probe was developed in our lab. To generate antisense
mRNA probes, 1ug of age-specific total RNA was used with gene specific primers for gsx2 (FW:
5’-ACAACAGCCACATACAGAACG-3’, RV: 5’-CACAGCTTCTCAGTAGTCTAGGA-3’) to
synthesize cDNA that was directly amplified in 35 cycles of PCR (SuperScript III One-Step RTPCR kit, Invitrogen). Fragments were separated by 1% agarose gel electrophoresis, extracted
using a QIAquick Gel Extraction kit (Qiagen), and subcloned into a pCR2.1_TOPO 4.0kb vector
(Invitrogen). Sanger sequencing was used to confirm insert identity and directionality. 5ug of
plasmid was linearized with EcoR1 and the probe was transcribed in vitro using SP6 polymerase
(mMESSAGE mMACHINE kit, Ambion). The protocol for WISH was adapted from Thisse and
Thisse34 and performed essentially as in Bergeron et al.35. Embryos were hybridized with a
digoxigenin(DIG)-tagged antisense mRNA probe, detected by an alkaline phosphatase (AP)
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conjugated anti-DIG antibody (Roche), and developed in NBT/BCIP stain (Roche). Staining was
stopped by post-fixation in cold 4% PFA overnight at 4ºC. Stained embryos were cleared in 75%
glycerol and stored at 4ºC protected from light.
FISH: FISH procedures were performed according to the In Situ Hybridization Chain Reaction
v3.0 protocol (Molecular Instruments, Los Angeles, CA)36. Embryos were simultaneously
hybridized with gsx1 and gsx2 probes (designed by Molecular Instruments) diluted in probe
hybridization buffer overnight at 37°C. Excess probe was washed off the following day using
probe wash buffer. Embryos were incubated for 30 minutes at room temperature in amplification
buffer before adding the provided Alexa hairpins specific to the gsx1 (Alexa Fluor 488) and gsx2
(Alexa Fluor 546) mRNA sequences and incubating overnight at room temperature. Embryos
were washed using 5x SSCT (5x SSC + 0.1% Tween 20) and stored in 5x SSCT at 4°C protected
from light.
Genotyping: Tail tissue was denatured at 95ºC for 10 minutes in DNA lysis buffer (10mM Tris
pH 7.5, 50mM KCl, 0.3% Tween20, 0.3% Triton X, 1mM EDTA) and digested using 2mg/mL
proteinase-K (Omega) at 55ºC for 2h to overnight. Proteinase-K was heat-inactivated at 95ºC for
10 minutes before the DNA was used in a standard DreamTaq (Thermo) PCR reaction with
gene-specific primers for gsx1 (FW: 5’-TCCAGATCCACGACAGTTCC-3’, RV: 5’TGACTGCTGCTATTTTCTGTTGA-3’) and gsx2 (FW: 5’-TGCGTATCCTCACACATCCA3’, RV: 5’-TGTCCAGGGTGCGCTAAC-3’). DNA fragments were visualized and imaged using
a Syngene NuGenius imager with a blue light transilluminator (Clare Chemical Research) on a
4% agarose gel with SYBR Safe. gsx1∆11 wild type individuals have one band (140bp), mutants
have one band (129bp), and heterozygotes have two bands at both sizes. gsx2∆13a wild type
individuals have one band (134bp), mutants have one band (121bp), and heterozygotes have two
bands at both sizes.
Imaging and quantification of expression: Imaging of WISH samples was performed at 20X on
a compound Zeiss Observer.Z1 with an Axiocam 503 Color camera with ZEN Pro 2.3 software.
Embryos were dissected to remove yolk and eyes and mounted in 70% glycerol under glass
coverslips. FISH samples were imaged using 20X objectives (Olympus UPlanApo) on an
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Olympus BX61 confocal microscope with Fluoview FV100 software. Fluorophores used were
Alexa Fluor 488 (gsx1) and Alexa Fluor 546 (gsx2). Embryos were dissected to remove yolk and
eyes and mounted in 1x PBS under glass coverslips. Analysis of all genotyped samples was done
blind by using a numerical code of embryos to assess rather than genotype. To quantify area of
gene expression in WISH and FISH samples, FIJI-ImageJ was used. The scale of the image was
first set using the scale bar generated in Zen Pro. Images were then converted to a 16-bt
grayscale image. For gsx1 stained embryos the area of expression in the diencephalon was
measured by outlining the detectable expression. For gsx2 stained embryos the area of expression
in the telencephalon was measured. For embryos stained by WISH the area of expression was
calculated as a ratio of the size of the telencephalon to account for variation in head size.
Because the boundary of the telencephalon is not detectable in FISH images, area of expression
was calculated as a ratio of the area anterior to the ventral curve of the head.
Injections: Heterozygous gsx1Δ11 or gsx2Δ13a adults were crossed to obtain a mixed pool of
embryos. Embryos were co-injected at the one cell stage with 30pg emGFP mRNA and varying
concentrations of the mRNA of interest in a 2.3nL volume. Plasmids containing full-length
cDNA for gsx1 and emGFP in a pCS2+ vector were kind gifts of the Burgess Lab (NICHD). To
generate the gsx2 plasmid, total RNA was used with gene-specific primers for gsx2 to synthesize
full-length

cDNA

(FW:

TTAAATCGATATCATGTCGAGGTCTTTCTAC,

RV:

TAAATCTAGACCCTAAATAGGTGAAGTCTC; Superscript II First-Strand Synthesis kit,
Invitrogen). cDNA was amplified using a standard DreamTaq (Thermo) PCR reaction and
amplicons were subcloned into a pCS2+ 4.0kb vector (Invitrogen) lineared using ClaI (NEB).
Amplicons were ligated into the vector using T4 DNA Ligase (NEB) and transformed into
chemically compenent DH5α cells. Subcloning efficiency was determined via restriction digest
to recover the ligated fragment (ClaI and XbaI), 1% agarose gel electrophoresis, and Sanger
sequencing

using

M13

primers

(F:

GTAAAACGACGGCCAGT

R:

CAGGAAACAGCTATGAC). Plasmids were linearized using EcoRI (gsx1 and emGFP), NotI
(gsx2) and in vitro transcribed using SP6 polymerase (mMESSAGE mMACHINE kit, Ambion).
All gsx1 injected groups received 50pg of gsx1 mRNA with 30pg of emGFP mRNA, while gsx2
injected groups received 50pg, 25pg, or 10pg of gsx2 mRNA with 30pg of emGFP mRNA.
Survival and deformity rate were recorded for each group. Embryos were screened for
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fluorescence the following day and GFP-positive embryos were fixed at 30 hpf for subsequent
analyses. After fixation embryos were stained for gsx1 or gsx2 expression using WISH as
previously described.
In silico analyses: The variants of the consensus DNA-binding enhancer sequences for Gsx131
and Gsx232 were identified and assigned codes: 8 variants for Gsx1 (Gsx1_001-Gsx1_008) and 4
variants for Gsx2 (Gsx2_001-Gsx2_004). Putative Gsx1/Gsx2 target genes were then pulled
from the literature. Sources include public gene-disease data repositories such as DisGeNET and
NCBI GEO, target gene analyses done in mouse1,3,22, gene expression inventories done in whole
brains and specific brain tissues in zebrafish37,38, mouse disease model research39–42, NDD
studies

in

human

patients43,

and

human

GWAS44–48

studies.

NCBI

(https://www.ncbi.nlm.nih.gov/gene/) and ZFIN (http://zfin.org/) were used to identify and
obtain information for genes reported in zebrafish as well as orthologs for mammalian genes.
The Ensembl genome database version 104 (https://useast.ensembl.org/index.html) was then
used to extract the sequence information for the selected genes as well as the 25kb region
upstream of the 5’UTR. Because of the historic teleost whole genome duplication it is estimated
that 20% of zebrafish genes exist as paralogs, (i.e., an “a” and “b” version)49. For many putative
targets both versions were reported, thus both transcripts were obtained. The gene sequence and
25kb

upstream

region

was

plugged

into

A

Plasmid

Editor

(ApE;

https://jorgensen.biology.utah.edu/wayned/ape/) and scanned for the presence of Gsx1 and Gsx2
enhancer sequence variants. The appearance of these sequence variants upstream and/or within
the gene body was tallied. Excel was used to assess the distribution of Gsx1/Gsx2 enhancers
across the putative targets and inventory genes reported in multiple studies.
Statistics: Statistics were conducted in SPSS. Statistical significance of gene expression
measurements was assessed using independent t-tests at α = 0.05. Statistical significance of
survival, injection success, and gross deformity rates were assessed using a one-way ANOVA at
α = 0.05. Outliers were identified using GraphPad (Grubb’s test) and removed. Sample sizes for
all analyses were determined to be sufficient by a power analysis (ClinCalc) at α = 0.05 and 80%
power.
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RESULTS
gsx1 and gsx2 expression in gsx2Δ13a and gsx1Δ11 mutants
Gsx1 expression expands in Gsx2 mouse mutants, and in Gsx1 mutants there is an
increase in Gsx2-expressing cells6. To investigate this relationship in zebrafish, we used WISH
and FISH to stain for gsx1 expression in gsx2Δ13a-/- embryos and gsx2 expression in gsx1Δ11-/embryos (Figure 1Ai-iv, 1Bi-iv) at 30 hpf. Quantification of expression in WISH images suggests
that gsx1 expression increases in gsx2Δ13a-/- embryos compared to wild type siblings (p=0.007),
and that gsx2 expression does not change between wild type embryos and gsx1Δ11-/- embryos
(p=0.766; Figure 1C). FISH produced consistent results, suggesting increased gsx1 expression in
gsx2Δ13a-/- embryos compared to wild type siblings (p=0.031), and no change in gsx2
expression between wild types and gsx1Δ11-/- embryos (p=0.847; Figure 1D).
To confirm these results, we used RT-qPCR. Unlike WISH and FISH, RT-qPCR suggests
that no change in gsx1 expression occurs in gsx2Δ13a-/- embryos (p=0.819; Figure 1E).
However, RT-qPCR does confirm that no change in gsx2 expression occurs in gsx1Δ11-/embryos (p=0.456; Figure E), similarly to WISH and FISH. Given the sensitivity of RT-qPCR,
we can deduce that no major changes in gsx1 and gsx2 expression are occurring at 30 hpf in our
gsx2Δ13a and gsx1Δ11 mutant zebrafish, respectively. However, we can also conclude that RTqPCR from whole heads is not sensitive enough to detect any visible changes in gene expression
as observed by WISH and FISH.
Overexpression of gsx1 and gsx2 produces divergent results
Conditional overexpression of Gsx1 in the mouse telencephalon nearly abolishes Gsx2
expression in the ventral forebrain2, demonstrating that GSX1 represses Gsx2. Conditional
overexpression of Gsx2 in this same region partially limits Gsx1 expression in the MGE,
demonstrating that GSX2 regionally represses but does not truly downregulate Gsx1. To
investigate the impact of overexpression of gsx1 and gsx2 in zebrafish, we microinjected gsx1
and gsx2 mRNA into one-cell stage embryos from heterozygous gsx2Δ13a and gsx1Δ11 adults
and assessed them at 30 hpf before mRNA degradation occurs.
WISH analyses reveal that gsx2 expression is significantly reduced in gsx2Δ13a mutants
compared to their wild type siblings (p=0.006; Figure 2Ai-ii, Figure 2B), likely because of
nonsense mediated decay. This difference is lost between gsx2Δ13a-/- embryos injected with
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50pg gsx1 mRNA and injected wild type siblings (p=0.152; Figure 2Aiii-Aiv, Figure 2B),
suggesting that overexpression of Gsx1 rescues reduced gsx2 expression in gsx2Δ13a-/embryos. This does not appear to be a complete rescue, as gsx2 expression in injected gsx2Δ13a/- embryos was significantly different from wild type uninjected controls (p=0.049). However,
no difference in gsx2 expression was observed between wild type uninjected controls and wild
types injected with 50pg of gsx1 mRNA (p=0.931). Together, these findings suggest that in
zebrafish Gsx1 does not downregulate gsx2, and instead partially rescues reduced gsx2
expression in the telencephalon of gsx2Δ13a mutant zebrafish.
Interestingly, overexpression of gsx2 appears to severely disturb normal development in
zebrafish embryos (Figure 3A-C). In terms of 24 hour post-injection survival, no difference
exists between embryos injected with 50pg of gsx1 mRNA and uninjected controls (p=0.496,
Figure 3D). However, injecting 50pg, 25pg, and 10pg of gsx2 mRNA results in significantly
lower 24 hour post-injection survival rates compared to uninjected controls (p=<0.001 for all,
Figure 3D; 30pg emGFP was co-injected with all gsx1 and gsx2 injections). Due to increased
mortality, injection success (defined as the number of GFP-positive embryos divided by the
number of injected embryos) is lower in gsx2 groups compared to gsx1 groups. gsx1 injections at
50pg are on average 58% successful, however injecting 50pg of gsx2 mRNA results in a
significantly lower success rate (20%; p=0.030, Figure 3E). Interestingly, although success rates
for 25pg and 10pg groups are also lower (23% and 41%, respectively) these differences are not
significant from 50pg gsx1 injections (p=0.359 and 0.504, respectively, Figure 3E). Additionally,
surviving GFP-positive embryos injected with gsx2 mRNA have a significantly higher
occurrence of gross morphological deformities such as kinked tails, malformed head shape, and
disturbed body axis formation compared to gsx1 injections. Deformity rate is not different
between embryos injected with 50pg of gsx1 mRNA and controls (p=0.347, Figure 3F).
However, there is a significantly higher occurrence of deformities between gsx2 controls and
embryos injected with 50pg, 25pg, and 10pg of gsx2 mRNA (p=<0.001 for all, Figure 3F). These
findings show that gsx2 overexpression is lethal.
Identifying genes associated with Gsx1 and Gsx2 during zebrafish neurodevelopment
Our lab previously established an in silico dataset of 256 putative Gsx1 and Gsx2 target
genes to investigate in zebrafish. These genes were initially pulled from target gene analyses
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done in mouse1,3,22 and expanded to genes identified in gene-disease data repositories such as
DisGeNET and NCBI GEO, mouse disease model research39–42, NDD studies in human
patients43, and human GWAS44–48 studies. We utilized a crude enhancer-scanning approach to
identify Gsx1 and Gsx2 enhancer sequences in the 25kb region upstream of these genes to
predict regulation by Gsx1, Gsx2, or both. Chapter 2 provides evidence that two of the target
genes we have investigated to date, dlx2a and dlx2b (orthologs of murine Dlx2, a reported GSX
target gene), are Gsx1 and Gsx2 target genes in zebrafish (Chapter 2, Figure 8). These findings
validated our crude approach and revealed important target genes of Gsx1 and Gsx2 in the
zebrafish forebrain.
Given our identification of dlx2a and dlx2b as Gsx target genes in zebrafish, we became
interested in comparing our lab-generated in silico dataset with reports that reveal genes
expressed with gsx1 and gsx2 during zebrafish neurodevelopment in single cells. A recent study
reported the temporal genetic landscape delineating neuronal cell diversity in zebrafish38. In this
study, clusters of genes highly expressed in various brain regions were reported. A total of 121
genes were identified in clusters with gsx1 and/or gsx2. For the remainder of this dissertation,
this study and associated data will be referred to as the “Raj et al.” study. Another single-cell
sequencing report that investigated genetic homology between hypothalamic cells of zebrafish
and Mexican tetra was also identified37. In this study, Gsx1 was reported as a transcription factor
significantly associated with 13 genes. For the remainder of this dissertation, this study and
associated data will be referred to as the “Shafer et al.” study. These studies provided an
opportunity to associate Gsx1 and Gsx2 with putative target genes across brain regions and
neurodevelopmental time, and furthermore, to determine if any putative target genes within our
lab-generated in silico dataset can be confirmed through single-cell reports.
We identified gsx1 in 9 genomic clusters from 16 hpf to 15 dpf along with 64 other genes
(Figure 4A-C). These clusters marked hindbrain rhombomeres, midbrain progenitors,
diencephalon, hypothalamus, preoptic area, and GABAergic neurons. We also identified gsx2 in
15 genomic clusters from 12 hpf to 2 dpf along with 80 other genes (Figure 4A-C). These
clusters marked the ventral and dorsal diencephalon, telencephalon, RPE progenitors, optic stalk,
hindbrain rhombomeres, “committed” progenitors, and anterior dorsal rhombic lip. gsx1 and
gsx2 were only identified together once in a single cluster that marked the hindbrain at 36 hpf. 21
genes were shared across all gsx1 and gsx2 clusters; 15 of these genes were shared in the single
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cluster containing both gsx1 and gsx2. To better interpret this data, gsx1 and gsx2 clusters were
aligned by age and major brain region, and findings are summarized in the following sections.
12-24 hpf, forebrain: gsx2, and not gsx1, was identified in forebrain clusters marking the
diencephalon and telencephalon (Figure 4A). Consistently, I show in Chapter 2 that gsx2 is
expressed in both of these regions at these times while gsx1 is expressed later on (Chapter 2,
Figure 2). Several putative Gsx2 target genes can be predicted based on these clusters; 16 in the
diencephalon, 18 in the telencephalon, and 8 shared between both. Significantly, dlx2a appeared
in the diencephalon cluster, and as previously mentioned dlx2a (and dlx2b, although not reported
here) is a Gsx1 and Gsx2 target gene in the zebrafish forebrain (Chapter 2, Figure 8), just as Dlx2
is in mouse3, supporting the efficacy of this in silico methodology. The remainder of these genes
have roles in early neurodevelopmental patterning that may be integrated with regulation by
Gsx2; for example, Nkx genes are widely known to regulate dorsoventral patterning in mouse in
the spinal cord50 and ventral forebrain51 and contribute to later cortical interneuron subtype
specification52. It should be noted that at this age gsx2 is found in a cluster marking retinal
pigmented epithelium (RPE) progenitors, a specialized monolayer of pigmented cells in the eye.
Gsx2 function in the eye has not been reported, however a study using human fetal cell cultures
reported GSX2 as one of the top 100 genes expressed in the RPE that subsequently decrease in
expression following the epithelial to mesenchymal transition of these cells53. This early and
short window of Gsx2 expression may indicate that Gsx2 regulates proliferation in these cells.
12-24 hpf, hindbrain: gsx1 and gsx2 were identified in hindbrain clusters with little
overlap between them (Figure 4A). Only one gene, paired box 3a (pax3a), is reported in both
gsx1 and gsx2 clusters. Pax3 regulates dorsoventral patterning in the dorsal hindbrain and spinal
cord in chick and mouse54 and in zebrafish is often used as a myogenic55 or dorsal hindbrain
marker56. Work in Chapter 2 demonstrates that gsx1 and gsx2 are expressed in a dorsoventral
pattern in the hindbrain, with gsx2 expressed most dorsal (Chapter 2, Figures 2-6). Thus, Gsx1
and Gsx2 may have integrated function with Pax3a in the developing zebrafish hindbrain.
Several hox genes appear in hindbrain clusters independently with gsx1 (hoxa2b and hoxb2a) or
gsx2 (hoxa3a, hoxb3a, hoxc3a, and hoxd4a). Results presented in Chapter 2 demonstrate that
gsx1 and gsx2 rarely co-localize in the same cells in the hindbrain (Chapter 2, Figures 3-5); given
that hox genes regulate hindbrain segmentation across species57–59, the diversity of hox genes in
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gsx1 or gsx2 clusters suggests the presence of unique Hox/Gsx networks regulating development
of the zebrafish hindbrain.
36-48 hpf, midbrain: Only gsx1 was identified at these ages in a midbrain cluster (Figure
4B). Chapter 2 shows that gsx1 expression appears in the midbrain by ~30 hpf and by 48 hpf this
expression can be isolated to the pretectum and optic tectum (Chapter 2, Figures 2-3). Several
putative Gsx1 target genes can be predicted here, including several homeobox transcription
factor-encoding genes such as developing brain homeobox 1a and 1b (dbx1a, dbx1b), and
orthodenticle homeobox 1a and 2 (otx1a, otx2) otx1a/2. Dbx family genes play a central role in
defining progenitor domains in both the forebrain and spinal cord in several vertebrates60,61.
Interestingly, Dbx1 is a GSX2 target gene in the mouse forebrain with no evidence of regulation
by GSX12. otx1a and otx2 have been shown to have redundant functions in eye and anterior
brain development in zebrafish62. As zebrafish gsx1 is expressed in the optic tectum and
pretectum, this may suggest that Gsx1, Otx1a, and Otx2 mediate the development of visual
neuronal circuits or processing.
36-48 hpf, hindbrain: gsx1 and gsx2 were identified in a shared hindbrain cluster at 36
hpf (Figure 4B). Two homeobox transcription factor-encoding genes, muscle segment homeobox
3 (msx3) and ladybird homeobox 1b (lbx1b), appear in this cluster. Both msx and lbx family
genes mark dorsal regions in mouse and zebrafish, namely the hindbrain and spinal cord27,63.
Previous studies in mouse implicate Lbx1 as a final determinant of spinal sensory neuronal fate
in a genetic pathway that starts with Gsx1, Gsx2, and Ascl14. Thus, interactions between Gsx1,
Gsx2, and Lbx1b could regulate hindbrain and spinal cord development in zebrafish.
5-15 dpf, forebrain: gsx2 was not identified in any clusters past 2 dpf. However, gsx1
was identified in a diencephalon cluster during these later stages (Figure 4C). Chapter 2
demonstrates that zebrafish gsx1 expression persists through 6 dpf in the preoptic area and
hypothalamus, and previous studies in mouse implicate Gsx1 as an important factor for normal
development of the hypothalamus and pituitary7. These findings are also consistent with Gsx1
being identified as a transcription factor associated with several hypothalamic genes in the
Shafer et al. dataset37, although this study was performed in adult fish (1-2 years). The data in
this study reported highly expressed genes from four categories (neuropeptide, neurotransmitter,
ion channel , or synaptic genes) as well as transcription factors association with them. Gsx1 was
significantly associated with 12 genes found across all 4 cell type categories (Figure 4D). Thus,
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these findings provide strong rationale for investigating Gsx1 function in the hypothalamus, as it
has now been independently reported in two single cell datasets.
Predicting target gene regulation status through enhancer scanning
Using our previously described in silico enhancer scanning approach, we scanned genes
from our lab-generated in silico dataset, the Raj et al. datatset, and the Shafer et al. dataset for
Gsx1 and Gsx2 enhancer sequences. For our lab-generated dataset (256 genes), 210 (82%)
contained Gsx1 enhancers, 233 (91%) contained Gsx2 enhancers, and 64 (25%) contained
overlapping Gsx1/2 enhancers (Figure 6). 12 (5%) genes had only Gsx1 enhancers, 33 (13%) had
only Gsx2 enhancers, and 3 (1%) had no enhancers. Full genes list is available in Appendix A.
For the Raj et al. dataset, 121 genes were scanned. 105 (86%) genes contained Gsx1
enhancers, 115 (95%) genes contained Gsx2 enhancers, and 18 (15%) genes contained
overlapping Gsx1/2 enhancers (Figure 6). 2 (2%) genes had only Gsx1 enhancers, 8 (7%) had
only Gsx2 enhancers, and 3 (2%) had no enhancers. For 41 paralogous genes, only one paralog
was reported. One of these genes was dlx2a which we have confirmed as a forebrain target gene
of zebrafish Gsx1 and Gsx2. For 12 other paralogous genes, both paralogs were both reported.
For the hypothalamus-specific and adult-aged Shafer et al. dataset, 13 genes were
scanned, and all genes contained some combination. 10 (77%) genes contained Gsx1 enhancers,
12 (92%) genes contained Gsx2 enhancers, and 1 (8%) gene contained overlapping Gsx1/2
enhancers (Figure 6). No (0%) genes had only Gsx1 enhancers, and 2 (15%) genes had only
Gsx2 enhancers. Six of these genes are duplicated however no paralogous pairs were reported
together.
We found that of the 134 genes assessed in the Raj and Shafer et al. datasets, 24/134
(18%) genes were previously scanned in our 256 gene dataset for Gsx1 and Gsx2 enhancer
sequences by our lab (Figure 5, genes denoted with an asterisk [*], also denoted in Appendix A).
Enhancer site presence was similar amongst all three datasets (Figure 6) and given the low
percentage of genes without any enhancers, this suggests that Gsx1 and Gsx2 enhancers could be
widespread in the genome. It is also important to note that the Shafer et al. dataset did not report
Gsx2 to be significantly associated with any genes, yet we identified that many of the genes
associated with Gsx1 possess Gsx2 enhancers. We have previously confirmed dlx2a as a Gsx
target gene in Chapter 2, and 11 of the 24 genes similarly identified across all three datasets are
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reported Gsx1 or Gsx2 target genes in mouse (Figure 7). Thus, it is unlikely that the remaining
12 genes similarly identified between all three datasets contain enhancer sites at random. In
conclusion, there is significant opportunity for Gsx1 and Gsx2 to regulate many target genes
across brain regions in zebrafish, and this in silico analysis provides an inventory of putative
target genes that can be investigated.
DISCUSSION
The regulatory relationship between Gsx1 and Gsx2 in zebrafish
In the mouse forebrain, GSX1 represses Gsx2 and expands in Gsx2 mouse mutants6. Our
WISH and FISH analyses suggest a consistent result, as gsx1 expression appeared to increase in
gsx2Δ13a-/- zebrafish. However, RT-qPCR analyses suggest no change in gsx1 expression in
gsx2Δ13a-/- zebrafish. However, variability between these two different approaches may be a
facet of expression changes that are undetectable by RT-qPCR. This method is sensitive to gene
expression changes, however the “increase” in expression seen through WISH and FISH is only
slight and may not be sufficient for generating statistical significance. Consistent with this, the
expansion of Gsx1 expression in Gsx2 mouse mutants occurs only in a small subregion of the
telencephalon. Therefore, our image analyses could reflect increased gsx1 expression in a small
region in the developing zebrafish forebrain. If this is the case, this would suggest that Gsx2 may
partially and regionally repress gsx1 in zebrafish. These results also suggest that Gsx1 is not
regulating gsx2 in zebrafish, as we found no change in gsx2 expression in gsx1Δ11-/- zebrafish.
Conditional overexpression of Gsx1 downregulates Gsx2 expression in the mouse
forebrain2. Unlike mouse, we found that overexpressing gsx1 in embryonic zebrafish does not
downregulate gsx2 expression2. Instead, we observed that it partially rescues reduced gsx2
expression in gsx2Δ13a mutants. As such, this analysis suggests that zebrafish Gsx1 and Gsx2
are not directly repressive of each other. Further studies using RT-qPCR will be required to
confirm the nature of these changes.
Conditional overexpression of Gsx2 in mouse does not downregulate Gsx1, however
partially limits its range of expression in the forebrain2. Interestingly, we found that whole
embryo overexpression of gsx2 in embryonic zebrafish disturbs normal development, and as
such most injected embryos did not survive to 30 hpf when our analyses were conducted or were
too malformed for subsequent analyses. Gsx2 is an important regulator of neuronal progenitor
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dynamics in mouse2,14 and zebrafish8,9, therefore it is possible that overexpression of gsx2 at the
single-cell stage disrupts CNS development. Consistent with this, embryos that did survive past
24 hpf had deformations in the cranial region (small or malformed heads, some missing eyes)
and the caudal-most portion of the tail (curled or kinked at the end), which suggests that some
important regional patterning programs could be disrupted through overexpression of gsx2.
Identifying putative Gsx1 and Gsx2 target genes using single-cell reports in zebrafish
Our in silico analysis of the brain-wide Raj et al. dataset suggests early versus later
requirements for gsx2 and gsx1, respectively. More gsx2 clusters were present at early
developmental stages (12-48 hpf), while more gsx1 clusters were present in later stages (48 hpf15 dpf). The hypothalamus-specific Shafer et al. dataset is derived from 1-2 year old zebrafish
tissue, suggesting prolonged requirements for Gsx1 in hypothalamic function in adult zebrafish.
This differential presence over neurodevelopmental time is reminiscent of reports in mouse
showing that Gsx1 and Gsx2 differentially regulate progenitor dynamics2.
GSX1 target genes in the mouse septum include Distal-less homeobox 1 (Dlx1),
Gastrulation brain homeobox 1 (Gbx1), and LIM homeobox protein 6 (Lhx6). Although we did
not identify these genes in any genomic clusters, some closely related genes were identified in
forebrain clusters, including dlx2a (gsx1/2 cluster), dlx3b (gsx2 cluster), dlx5a (gsx1 cluster), and
lhx5 (gsx2 cluster). GSX2 target genes in this region include Achaete-scute family bHLH
transcription factor 1 (Ascl1), Forkhead box protein P2 (FoxP4), ISL LIM Homeobox 1 (Islet1),
Oligodendrocyte transcription factor 2 (Olig2), Transcription factor SP9 (SP9), ETS Variant
Transcription Factor 1 (ER81), Gastrulation Brain Homeobox 1 (Gbx1), PBX Homeobox 1
(Pbx1), SIX Homeobox 3 (Six3), and Ventral Anterior Homeobox 1 (Vax1). We identified ascl1a,
olig2, six3a, six3b, and vax1 as potentially conserved zebrafish Gsx2 target genes. Interestingly,
ascl1b was identified in a gsx1 cluster, suggesting that Gsx1 and Gsx2 could differentially
regulate ascl1a versus ascl1b. All of these putative target genes contained both Gsx1 and Gsx2
enhancers upstream of their 5’ UTR, opening potential for Gsx1 to exert coordinate regulation.
GSX1 target genes in the mouse medial ganglionic eminence (MGE) include Glutamate
Decarboxylase 1 (Gad1), Lhx6, NK2 Homeobox 1 (Nkx2.1), and SP9 expression. Zebrafish
orthologs for Gad1 and Sp9 were not identified in the dataset. Although the zebrafish ortholog
nkx2.1 was identified, it was found in a diencephalic cluster with gsx2, and several other nkx
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family orthologs were identified in both gsx1 and gsx2 clusters. In the mouse lateral and caudal
ganglionic eminences (LGE and CGE), GSX2 target genes include Neurogenin-2 (Ngn2), Ascl1,
Dlx1, Vax1, Gad1, Aristaless Related Homeobox (Arx), and Islet1. As described in the previous
paragraph, ascl1a, ascl1b, and vax1 were identified in gsx1 or gsx2 clusters. The paralog arxa,
and not arxb, was identified in a diencephalic cluster with gsx2.
Other genes with ties to GSX1 and GSX2 in the mouse forebrain include Developing
Brain Homeobox 1 (Dbx1)1,22, T-box brain protein 2 (Tbr2)1, Paired Box 6 (Pax6)22, SP822,
Teashirt zinc finger family member 1 (Tshz1; previously Mtsh1)22, Secreted Frizzled Related
Protein 2 (Sfrp2)22, and Transforming growth factor alpha (Tgfα)22. Dbx1 and Pax6 are
duplicated in zebrafish; dbx1a and dbx1b were identified in a midbrain cluster with gsx1, and
pax6a was identified in a diencephalon cluster with gsx2. Collectively, these analyses suggest
that several reported mammalian target genes exist in zebrafish and provide a prioritized list of
candidate zebrafish target genes to functionally assess. The mode of regulation by Gsx1 or Gsx2
in zebrafish (upregulation/downregulation) can also be predicted based on the reported mode of
regulation in mouse (Figure 7). As several zebrafish orthologs of GSX target genes reported in
mouse are duplicated (Figure 7), this also opens potential for studies that determine which
paralog (i.e., a or b) is the true mammalian ortholog.
Overlap of genes reported in single-cell datasets
Of 121 genes assessed in the brain-wide Raj et al. dataset, 5 were also present in the
hypothalamus-specific Shafer et al. dataset. These genes were glutamate decarboxylase 2 (gad2),
ISL LIM homeobox 1a (isl1a), opioid receptor delta 1b (oprd1b), and proenkephalin a and b
(penka, penkb). Consistently, all of these genes were identified in the Raj et al. dataset in ventral
diencephalic (hypothalamic) clusters with gsx1 from 5-15 dpf. As these genes are associated with
gsx1 at early ages (5-15 dpf) in the Raj et al. dataset, and with Gsx1 during adult stages (1-2
years) in the Shafer et al. dataset, these insights suggest that Gsx1 is important for hypothalamic
development and later function in zebrafish. This theory is consistent with results in Chapter 2
which demonstrate prolonged expression of gsx1 in neurodevelopment (Chapter 2, Figure 1), and
prolonged growth defects in our gsx1 TALENs mutant zebrafish (Chapter 2, Figure 7).
gad2 is a GABA synthesis bioenzyme that marks a population of excitatory neurons in
the lateral habenula which projects to the hypothalamus64. Gad2 is implicated in impaired
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GABAergic signaling in schizophrenic patients65,66, similarly to Dlx1 and Dlx211,12,67. Dlx1 and
Dlx2 upregulate a similar gene, Gad1, in the mouse telencephalon68 as well as the Gsx genes3.
isl1a is a LIM-homeodomain gene regulating neuronal differentiation of motor and sensory
neurons in vertebrates69,70. isl-1 (a previous name) is expressed in the forebrain of embryonic
zebrafish71, and is downregulated by Dlx1 and Dlx2 in mouse3. oprd1b is involved in opioid
receptor signaling and has received attention as a target for the treatment of psychiatric and other
neurological disorders72. Finally, penka and penkb are expressed during embryonic development
in zebrafish and are implicated in opioid receptor signaling in mice which requires integrated
hypothalamic function73. Considering our predictions that phenotypes of our gsx1 mutant
zebrafish are tied to hypothalamic function (Chapter 2), this in silico analysis provides further
rationale for investigating the Gsx1 regulatory network in this region. Our gsx1 mutant zebrafish
survive to adulthood, permitting investigations of early and later Gsx1 function.
Aligning in silico data with NDD-implicated genes
A major goal of analyzing the Raj and Shafer et al. datasets was to identify genes
associated with Gsx1 and Gsx2 in zebrafish that are orthologs of human NDD candidate genes.
Several human orthologs of genes regulated by GSX1 or GSX2 in the mouse forebrain have been
previously implicated in human NDDs, such as the Dlx10,11 and Olig genes74. We now know,
based on data presented in Chapter 2, that the gsx genes are dynamically expressed across many
brain regions during zebrafish neurodevelopment and in many regions similarly reported in other
vertebrates. Furthermore, data presented in this chapter suggests that Gsx1 and Gsx2 may
regulate a diverse array of genes in several brain regions during zebrafish neurodevelopment.
Of the 134 genes assessed in the Raj and Shafer et al. datasets, 14 have been previously
implicated in one or more human NDD (Figure 8). Interestingly, some of these genes are GSX1
and GSX2 target genes in mouse, including Arx, Ascl1, Dlx2, Olig2, and Pax6. It is important to
note that the references in Figure 7 report many other gene candidates for these NDDs that were
not found across these datasets, likely due to significance thresholds in the original studies. Even
if these genes are not highly expressed in the developing zebrafish CNS, they may still be
important within genetic cascades that mediate later neuronal function. Given the evidence that
Gsx1 is a prolonged factor in hypothalamic function through 1-2 years of age in zebrafish, it is
likely that requirements could exist in other brain regions across vertebrates. Collectively, these
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insights provide a pipeline for narrowing down the presented putative Gsx target gene list and
identifying a Gsx gene regulatory network containing zebrafish orthologs of human NDD genes.
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Figure 1. gsx1 and gsx2 expression does not change in gsx2Δ13a-/- and gsx1Δ11-/- mutant
zebrafish. Ai-Aiv. WISH images at 30 hpf showing gsx1 expression in wild-type and gsx2Δ13a/- embryos (top) and gsx2 expression in wild-type and gsx1Δ11-/- embryos. Images are 20X
compound scope images with embryos mounted under cover glass, eyes dissected, and anterior
facing left. Bi-Biv. FISH images at 30 hpf. Images are 20X confocal images with embryos
mounted under cover glass, eyes dissected, and anterior facing left. C. FIJI-ImageJ quantification
of images in Ai-Aiv. D. FIJI-ImageJ quantification of images in Bi-Biv. Sample sizes for all FIJIImageJ analyses are indicated. Asterisks represent significant differences. E. RT-qPCR
quantification of gsx1 and gsx2 expression in 30 hpf embryos across genotypes. The 2–∆∆Ct
method was used to calculate relative expression to the reference gene ef1a. Data is
representative of two biological replicates (parent groups).
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Figure 2. Overexpression of gsx1 may rescue reduced gsx2 expression in gsx2 mutants. AiAiv. WISH images at 30 hpf showing gsx2 expression. Top images are uninjected controls.
Bottom images are embryos injected with 50pg of gsx1 mRNA. The left column represents wildtype individuals. The right column represents gsx2Δ5-/- embryos. All images are 20X compound
scope images with embryos mounted under cover glass, eyes dissected, and anterior facing left.
B. FIJI-ImageJ quantification of gsx2 expression across genotypes. Asterisks indicate significant
differences.
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Figure 3. Overexpression of gsx2 leads to abnormal development and increased mortality
in zebrafish embryos. A-C. Representative images of surviving embryos injected with 10pg,
25pg, and 50pg gsx2 mRNA compared to control groups. D-F. Quantification of survival,
deformity rate, and injection success between gsx1 and gsx2 injections. Number of embryos for
each group are as follows: gsx1 controls, 748; gsx1 50pg, 1,057; gsx2 controls, 452; gsx2 50pg,
484; gsx2 25pg, 291; gsx2 10pg, 267.
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Figure 4. Putative gsx1 and gsx2 gene networks across developing brain regions in
zebrafish. A-C. Genes reported in clusters with gsx1 (red spheres) or gsx2 (purple spheres) that
are significantly expressed in the noted brain region during CNS development in zebrafish. Data
was obtained from Raj et al. 2020. Bold genes represent homeobox transcription factor-encoding
genes. Italicized genes are identified in multiple brain regions (spheres) at that age range. Genes
with asterisks are also found in panel D. D. Genes associated with Gsx1 in the hypothalamus.
SCENIC and GENIE3 algorithms were used to generate random forest weights for transcription
factors and target genes based on the predictive power of each transcription factor in determining
the expression level for each target gene. Data was obtained from Shafer et al. 2020.
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Figure 5. Gsx1 and Gsx2 enhancer sequences are present upstream many putative Gsx1
and Gsx2 zebrafish target genes. Genes list is derived from the Raj and Shafer et al. datasets.
Shaded genes were identified in overlapping clusters with both gsx1 and gsx2 in the Raj et al.
dataset. Genes with asterisks (*) were previously identified as putative Gsx1 and Gsx2 target
genes by our lab prior to analysis of the Raj and Shafer et al. datasets. Full genes list is available
in Appendix A.
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Figure 6. Gsx1 and Gsx2 enhancer sequence presence. Graph represents the percentage of
scanned putative target genes that contain combinations of Gsx1 and Gsx2 enhancer sequences
upstream of the 5’ UTR. Data obtained from our lab-generated dataset (black bars), the Raj et al.
dataset (grey bars) and the Shafer et al. dataset (white bards).
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Putative conserved mouse target genes
Gene

Regulation by Regulation by
Gsx1 in mouse Gsx2 in mouse

Zebrafish
ortholog(s)
identified

Reference(s)

Arx

X

↑

arxa

Wang et al. 2013

Ascl1

−

↑/−

ascl1a, ascl1b

Wang et al. 2013

Dbx1

X

↓

dbx1a, dbx1b

Carney et al. 2008;
Yun et al. 2003

Nkx2.1

−

↑

nkx2.1

Wang et al. 2013

Olig2

X

↑

olig2

Wang et al. 2013

Pax6

↓

↓

pax6a

Yun et al. 2003

Six3

X

↑/−

six3a, six3b

Wang et al. 2013

Vax1

X

↑

vax1

Wang et al. 2013

Figure 7. Zebrafish orthologs of reported mouse Gsx target genes identified in single-cell
studies conducted in zebrafish. Genes list includes reported target genes in mouse that had
orthologs identified in the Raj et al. dataset. Green upward arrows indicate upregulation in
mouse. Red downward arrows indicate downregulation in mouse. “X” indicates that the gene
was either not reported as a target in mouse or not investigated at all. “-” indicates that the gene
is not regulated. If a cell contains two methods for regulation, this indicates that regulation varies
based on region in mouse (investigated regions include the MGE, LGE, CGE, and septum).
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Gene

Duplicated in
zebrafish?

Disorder

Reference(s)

ARX

Yes

ID

Shoubridge et al. 2010

ASCL1

Yes

Basal ganglia
agenesis

De mori et al. 2019

AUTS2

Yes

ASD/ID/DD

Coe et al. 2018

CASZ1

No

ASD/ID/DD

Coe et al. 2018

EN2

Yes

ASD

Cheh et al. 2006;
Alarcon et al. 2002;
Molloy et al. 2005

Basal ganglia
agenesis

De mori et al. 2019

ASD

Chang et al. 2010;
Muhle et al. 2004

ASD

Chang et al. 2010

ASD

Chang et al. 2010

ASD/ID/DD

Coe et al. 2018

DLX2

Yes

DLX5

No

DLX3

No

FOXG1

Yes

ASD/ID/DD

Coe et al. 2018

OLIG2

No

ASD/DS

Szu et al. 2021

OLIG3

No

ASD/DS

Szu et al. 2021

PAX6

Yes

Basal ganglia
agenesis

De mori et al. 2019

SCN3

No

Epilepsy

Brunklaus et al. 2020

WNT2

No

ASD

Muhle et al. 2004

Figure 8. Genes within the putative Gsx gene regulatory network that are associated with
neurodevelopmental disorders (NDDs) in humans and mammalian models. Genes from our
lab-generated dataset, the Raj et al. dataset, and the Shafer et al. dataset that have been
implicated in one or more NDD. ASD = autism spectrum disorder, DS = down syndrome, DD =
developmental delay, ID = intellectual disability.
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CHAPTER 4
Using zebrafish in authentic science research experiences for underrepresented high school
students from West Virginia
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(this chapter is taken directly from my manuscript in preparation, “Fish in a Dish: Using
zebrafish in a rural science-education partnership for underrepresented high school students in
West Virginia”)
ABSTRACT
Research experiences at the K-12 level positively affect students’ interest in STEM
careers, practical science and interpersonal skillsets, and critical thinking. However, outreach
opportunities are not equally distributed for all students. In states like West Virginia (WV), many
students live in rural Appalachian communities and opportunities for engaging in STEM are
limited compared to students living in urban regions. Additionally, rural teachers may not be
equipped to provide authentic research experiences for students due to insufficient funding,
resources, or support in curriculum development. For many students in WV, the Health Sciences
and Technology Academy (HSTA) is a major opportunity for STEM engagement. Since its
inception in 1998, HSTA has spread to 26 out of 55 counties in WV and recruits
underrepresented students that live rurally, are on track as first-generation college students, of
low socioeconomic status, and/or African American. Our research lab partnered with HSTA to
implement an innovative, hands-on research camp using zebrafish for students participating in
their annual junior-level biomedical sciences summer camp. Our camp was held in-person in
2019 and adapted to an online format in 2020. We used pre-post surveys in both camps to assess
impacts on science confidence and perceptions of zebrafish, research, and STEM degrees. We
found that students participating in either the in-person or online camp experienced similar
overall gains in science confidence and reported strong interest in zebrafish, research, and STEM
degrees. Surveys of high school teachers working with HSTA also allowed us to identify
tentative concerns for integrating zebrafish into classrooms, with the top concerns being supplies,
experience and knowledge related to zebrafish, and funding. Our science-education partnership
demonstrates that zebrafish are a powerful tool for providing research experiences that foster
positive outcomes for underrepresented students, and informs future outreach efforts and
collaborations between researchers and teachers.
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INTRODUCTION
Recent calls for advancing K-12 STEM education have inspired a wave of studentcentered teaching practices aimed to satisfy the increasing demand for qualified STEM
professionals in the United States1,2. STEM outreach has grown significantly3, yet these
opportunities are not accessible to all students, with rural students being one of several
disadvantaged student groups. Rural students make up one-quarter of the US public school
enrollment, yet face challenges related to STEM education4. These challenges include limited
access to extracurricular programs based in urban areas, less state funding for extracurricular
activities, and limited support for curriculum development5,6. Rural schools also experience
lower recruitment and retention of qualified STEM teachers due to insufficient financial
incentive, remoteness, or at times inadequate facilities7–11. Furthermore, studies suggest that rural
parental values are at times incongruent with the need for enhanced STEM education, reducing
the incentive for schools to provide these opportunities6,12,13. Together, these issues negatively
impact science achievement in rural students and their expectations for success in STEM
courses, degrees, and careers11,14,15. Focusing efforts that bring hands-on STEM experiences to
rural and other underrepresented students is essential for addressing these issues and inspiring
STEM interest and confidence.
West Virginia (WV) lies in the heart of Appalachia where 34 out of 55 counties are rural,
and approximately 38% of residents state-wide reside in rural communities16,17. The K-12
graduation rate in WV (91%) exceeds the national average18 (86%), yet there is a disconnect
between high school graduation and college enrollment. Just 55% of graduates enroll in higher
education institutions annually19, lower than the national average20 (63%). Half of all WV
students enrolled in colleges enter STEM degree programs, yet only 30% of those students
actually finish their original degree program to completion21,22; thus recruitment and retention in
STEM programs is a point of focus.
As a largely rural state, it is possible that many students in WV have disproportionate
access to STEM learning opportunities. Quantification of STEM outreach in WV revealed that
outreach is generally evenly distributed between urban and rural counties (Figure 1, full data
table of outreach initiatives is available in Supplemental Table S1). Of 21 urban WV counties, 14
(67%) have STEM outreach programs (n=100). Of 34 rural counties, 23 (68%) have STEM
outreach programs (n=51). Analysis of this distribution by student volume is not significantly
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different between urban and rural counties (p=0.487; 0.34 initiatives per 1,000 students across all
urban counties, 0.43 initiatives per 1,000 students across all rural counties). Some WV counties
are disproportionately represented in STEM outreach and were excluded from this analysis,
including Monongalia, Preston, Tucker, Pendleton, and Pocahontas counties, all having
disproportionately high outreach per student volume. Monongalia county is home to West
Virginia University (WVU), and 25/37 outreach initiatives in Monongalia are operated through
WVU alone. Similarly, 12/13 outreach initiatives are university-affiliated in Kanawha county,
demonstrating how universities play significant roles in facilitating STEM outreach. Although
not statistically significant, further assessment of this data showed that the majority of rural
counties with outreach have less than 3 initiatives (17/23; 73%). This contrasts the urban
counties with outreach, which half (7/14) had 3 or more initiatives. Therefore, it is likely difficult
for a significant number of students in rural WV to engage in STEM experiences when fewer
opportunities exist. Students living in rural counties make up 44% of the state-wide K-12
enrollment, suggesting that a significant body of students are affected.
An emerging strategy for creating engaging STEM learning experiences for students in
K-12 classrooms is the use of zebrafish, Danio rerio. Literature describing the use of zebrafish in
classrooms has been increasing steadily with their growth as a research model (Figure 2).
Zebrafish gained popularity as a research model in the early 1980’s22, and by 1994 reports
appeared recognizing zebrafish as a classroom resource23. Zebrafish have many research benefits
that translate well to classrooms, including high reproductive rates, rapid development, and the
ability to be housed in relatively small spaces24,25. They are also ideal models for understanding
genetic mechanisms for vertebrate development based on their high morphological and genetic
similaries26–28. Previous studies have applied zebrafish to teaching topics such as the cell cycle
and Mendelian genetics29, the effect of chemicals on learning and memory30, embryonic
development31, body systems development and function32, environmental health33, and motor
behavior32,34. Their increasing popularity in education has led to the incorporation of zebrafish in
education panels at professional research conferences35. Programs like Project BioEYES36,37 and
InSciEdOut38 have paved the way for advanced science learning using zebrafish and have
demonstrated positive shifts in students’ content knowledge and attitudes about science. As such,
zebrafish are an attractive avenue for getting students from WV excited about science.
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To integrate the ideas of enhancing rural science education and using zebrafish in
classrooms, we developed a zebrafish research camp for rising high school juniors in WV who
are participating in the Health Sciences and Technology Academy (HSTA)39. HSTA is a
community-led STEM education program based out of WVU and available to students in 26
counties state-wide. Students can apply to the program starting in the 8th grade and will
participate through high school graduation. All HSTA students represent at least one of four
underrepresented student groups: (1) live rurally, (2) first-generation college students-to-be, (3)
of low socioeconomic status, and/or (4) African American. Since 1998, over 3,000 students have
graduated from HSTA, with 99% enrolling in college, over half obtaining STEM degrees, and
84% of college graduates remaining in WV to work40. Our partnership with HSTA occurs
through their junior-level annual biomedical sciences summer camp, which is held at WVU. Our
zebrafish camp fits well within the HSTA curriculum, which places emphasis on community
health initiatives. Within the broader scope of WV STEM outreach, no other established
zebrafish outreach camps based in a local community exist.
We began our partnership with HSTA in 2018 and developed a 4-day outreach camp that
uses zebrafish to answer human and environmental health questions. Outcomes for students
included becoming aware of zebrafish research, practicing relevant lab and communicationbased research skills, and developing confidence in science capabilities. In 2019 we incorporated
pre-post surveys to assess how our camp impacts students’ science confidence. Due to the
COVID-19 pandemic in 2020, our camp was adapted virtually and condensed to a 2-day
asynchronous program. We used this opportunity to survey all HSTA students and assess online
learning, zebrafish, and STEM perceptions. Survey results demonstrate that zebrafish are an
effective learning tool for underrepresented students, whether participating in-person or in virtual
environments. During both camps, we also surveyed WV teachers working with HSTA to gauge
interest and feasibility of using zebrafish in their classrooms. Keeping top concerns by teachers
in mind, future efforts can focus on ways to expand zebrafish education to rural counties in WV
with minimal STEM outreach opportunities.
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METHODS
In-person camp description
The 2019 camp was held over 4 days at the WVU Life Sciences Building with the
support of the WVU Department of Biology. During the camp, students learned about zebrafish
biology and their applications to human and environmental health research that benefits advances
in biomedicine. Prior to observing live zebrafish, the students practiced essential laboratory
skills, such as using microscopes and pipettes, as well as theoretical skills, such as applying the
scientific method and experimental design. We first mentored students through a pre-designed
experiment adapted from a previous report29 that uses zebrafish to model fetal alcohol syndrome.
Students applied varying concentrations of ethanol (0%-3%) to fertilized zebrafish embryos (1-2
hours post fertilization) in 12-well plates, predicted outcomes based on a group-based literature
review, and monitored the embryos over 24 hours. This guided experiment strengthened valuable
skills that would set the students up for success in the independent experiment to follow,
including time management, work division, teamwork, and note-taking. Next, we mentored
students through an experiment focused on environmental health. We presented the students with
a hypothetical scenario in which there were concerns about the health of local water sources and
challenged them to design experiments using zebrafish that would allow them to assess these
“water sources”. The water sources were solutions of “egg water” (Distilled water + 60 µg/ml
Instant Ocean salt41) treated to be varying pH levels42 (between 4 and 10). The students decided
on their research questions, wrote hypotheses, chose water quality parameters to investigate, and
chose variables to record from their embryos such as heart rate, deformities, and survival. As the
experiment proceeded, the groups discussed their progress and findings. After students presented
their results, we held a final discussion about how both experiments demonstrate how zebrafish
are applicable to human and environmental health. Before concluding the camp, the students
composed a single PowerPoint and presented it at an end-of-camp symposium to all HSTA
students, staff, camp personnel, and some university faculty and staff (200-250 people total). The
presentation described camp activities, what they learned, enjoyable topics, their research
experiment setup and findings, and how they could apply their newfound knowledge to problems
in their communities.
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Online camp description
In 2020 we adapted our camp to an online format due to the COVID-19 pandemic. The
students had two weeks to complete our online zebrafish module as well as other HSTA camp
modules. The 2020 camp was asynchronous but included comparable material to the 2019 inperson camp, including zebrafish biology, applications to biomedical research, and how they are
useful for understanding the intersection of human and environmental health. All materials
required to complete our module were available through HSTA’s online server. A step-by-step
checklist was provided that guided students through recorded PowerPoint presentations,
readings, online videos, and activities. The camp was organized into three modules: Module 1
taught students about zebrafish biology and research. The students watched a pre-recorded
lecture,

a

short

film

about

how

zebrafish

are

used

for

disease

modelling

(https://www.zebrafishfilm.org/; film by Jennifer Manner) and completed a uniquely designed
activity where they read a zebrafish research article on a topic of their choice and wrote a
summary. Module 2 taught students about how zebrafish are used for classroom learning. The
students watched a pre-recorded lecture, and a short film by Project BioEYES/Johns Hopkins
University (https://www.youtube.com/watch?v=Wpu0UgoFdqs). Afterwards students completed
a uniquely designed activity where they read a research article about using zebrafish in
classrooms29 and wrote a reflective paragraph on how zebrafish could help them learn in their
classrooms. Module 3 taught students about the scientific method and experimental design. The
students

watched

a

pre-recorded

lecture,

completed

a

scientific

method

module

(https://www.khanacademy.org/science/high-school-biology/hs-biology-foundations/hs-biologyand-the-scientific-method/v/the-scientific-method), and practiced experimental design and data
collection (https://www.biologycorner.com/worksheets/scientific_method_plant_exp.html). After
completing all modules, the students ended their zebrafish camp experience by completing a
final uniquely designed activity called the “Idea walk” that asked them to go walking in their
communities and ask questions about the environment that could be addressed using zebrafish.
The students wrote their experimental ideas in a final reflective essay submitted (along with all
of the aforementioned written responses) to their HSTA teacher to indicate camp completion.
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Zebrafish husbandry and ethical approval
All procedures using zebrafish were approved by WVU IACUC. Adult zebrafish (>3
months old) used during HSTA were maintained in the Bergeron Lab fish facility (WVU
Department of Biology). To collect embryos for student observation, adult zebrafish were paired
overnight in breeding chambers with a divider between them in our fish facility that operates on
a 14:10 hour light:dark cycle. The onset of light in the morning stimulates breeding behavior,
and spawning occurs once the divider is pulled. Embryos were collected in petri dishes and kept
in E3 Embryo Media (pH 7.4; 0.005M NaCl, 0.00017M KCl, 0.00033M CaCl, 0.00033M
MgSO4.7H20, 1.5 mM HEPES) in a 28.5°C incubator until they were needed for student
observation. Prior to HSTA the names and emails of all students were filed with WVU IACUC.
Prior to viewing animals all students took WVU’s Occupational Health Questionnaire and
completed zebrafish husbandry CITI training43. Students observed embryos only (0-72 hours
post fertilization), which were humanely euthanized by study personnel after the experiments.
Student survey design and implementation
Student surveys and parental consent forms were approved by the WVU Office of
Research Integrity and Compliance (ORIC). We used an 11-item science confidence
questionnaire adapted from a previously validated study44. The questions used a five-point Likert
scale ranging from 1 (strongly agree/very confident) to 5 (strongly disagree/not at all confident)
and reflected major components of confidence in biology that are consistent with broad
definitions of scientific literacy. For the 2019 in-person camp the pre and post-surveys were
administered on paper on the first and final days of camp. For the 2020 online camp our surveys
were provided through Qualtrics. Students had access to the online pre-survey starting one week
prior to the camp and completed the post-survey upon camp completion. In the 2020 online
survey only, we included an additional section that had uniquely written questions gauging
perceptions of online learning and interest in zebrafish, research, and STEM degrees. During
both years we collected the students’ HSTA identification numbers in the surveys to allow prepost results to be aligned by student and measured while also upholding anonymity.
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Teacher survey design and implementation
Teacher surveys were approved by WVU ORIC. We surveyed teachers using a uniquely
developed 3-part questionnaire: Part I collected information pertinent to teaching (county,
subject, class size, and years as a teacher); Part II used a five-point Likert scale ranging from 1
(strongly agree) to 5 (strongly disagree) to assess desire and feasibility of implementing
innovative science teaching strategies like zebrafish into classrooms; and Part III presented a list
of factors that might prohibit implementing zebrafish into classrooms and asked teachers to
select all that applied to them. For the 2019 in-person camp the surveys were administered on
paper following a presentation given by study personnel. For the 2020 online camp the surveys
were given through Qualtrics, and teachers completed these surveys after watching a prerecorded presentation given by study personnel.
Analysis of survey data
For both the in-person and online camps, survey responses were organized using Excel.
Student responses were first aligned using HSTA identification numbers. Descriptive statistics
were then calculated to identify trends in responses across all students. To calculate “gain”, the
Likert scale was first flipped to permit positive gain values (i.e., 1s were translated to 5s). Then,
pre-survey responses were subtracted from the post-survey responses for each student and
descriptive statistics were used to identify trends across individual questions. A two-tailed t-test
at α=0.05 was used to identify significant differences in gain on each question between in-person
and online students. For the additional questions on the online surveys that collected student
perceptions, as well as for the teacher survey data, descriptive statistics were calculated to
identify trends in responses. A two-tailed t-test at α=0.05 was used in the teacher surveys to
identify significant differences in response selection between rural and urban teachers.
Quantification of West Virginia STEM outreach initiatives
Because there is no existing data on the number of STEM outreach initiatives in WV, we
conducted online research to quantify these efforts across WV counties. First, webpages for fouryear institutions, 2-year degree programs, and community colleges were searched for
departments, programs, clubs, or other initiatives that provide STEM experiences to students in
the county. Then, general searches using keywords such as “STEM” and “outreach” combined
105

with each county name were conducted identify other initiatives such as community outreach
programs, summer camps, clubs, and science centers. If a single initiative was dispersed across
several parts of a county (such as after school programs occurring in many schools), each school
was counted as a single initiative. To pair with the outreach data, K-12 student enrollment data
for the 2020-2021 year was obtained from the WV Department of Education website, and
rural/urban status for each county was obtained from the Economic Research Service website
(United States Department of Agriculture). To calculate student volume data (i.e., per 1,000
student values), the number of students in a given county was divided by 1,000, and the number
of outreach initiatives was divided by this value. Iglewicz and Hoaglin's outlier test was used to
identify counties with disproportionate STEM outreach presence per 1,000 students and these
counties were excluded. Finally, an independent two-tailed t-test at α = 0.05 was used to assess
statistical significance between the per 1,000 student values for urban and rural counties.
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RESULTS
Student survey population
For our 2019 in-person camp we had 12 HSTA students participate and complete our prepost surveys. All students belonged to more than one underrepresented student group: 12/12
(100%) lived rurally, 6/12 (50%) were of low socioeconomic status, 11/12 (91%) were firstgeneration college students-to-be, and 4/12 (33%) were African American. Additionally, 6/12
(50%) of students identified as male and 6/12 (50%) identified as female. During the 2020 online
camp, the entire cohort of HSTA students participated in the online zebrafish camp. In total, 83
students participated in the zebrafish camp, and 65 successfully completed both the pre and postsurveys (78% response rate). Of all students participating in HSTA during the 2020 year, 58/83
(70%) lived rurally, 34/83 (41%) were of low socioeconomic status, 42/83 (50%) were firstgeneration college students-to-be, and 31/83 (37%) were African American. 60/83 (72%) of
these students fell into more than one category. Additionally, 22/83 (26%) of the online students
identified as male, 51/83 (61%) identified as female, and 10/83 (12%) did not wish to specify.
Teacher survey population
HSTA recruits and pays teachers to facilitate interactions between students and camp
coordinators during the camp week. Additionally, these teachers attend an orientation event
where they have the opportunity to meet with their assigned camp and discuss content and
activities. One to two HSTA teachers are randomly assigned to each HSTA camp (typically 6-7
different camps all focusing on different topics). The teachers have varying levels of
involvedness in camp design and implementation; however, all engage actively with students
during the week.
In 2019 we had all 13 participating HSTA teachers take our survey. Six teachers were
science teachers and the rest taught math, history/social studies, or English/literature. Six of these
teachers were from rural counties and seven were from urban counties, in sum representing 9/55
WV counties. These teachers also reported being responsible for anywhere from 100-180
students in a single academic year. In 2020 our surveys were distributed to all HSTA teachers
state-wide. In total, 42 teachers completed our survey out of 65 total participants (64% response
rate), which were comprised of 22 science teachers and the remainder taught math, history/social
studies, English/literature, or computer science/technology. Twenty-one teachers were from rural
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counties, and 21 were from urban counties, representing 24/55 WV counties. The nine counties
we reached in 2019 were represented in 2020. 15 counties were newly represented, nine being
rural and six being urban. The teachers participating in HSTA in 2020 reported being responsible
for anywhere from 30-180 students in a single academic year. The lower-end range of students
taught yearly was much smaller compared to responses in 2019, and stems from two rural
teachers in Raleigh (30 students) and Webster (44 students) counites. Overall, our reach to rural
and urban teachers in 2019 and 2020 was mostly equal. However, we reached more rural
counties in our online year (13 rural, 11 urban) compared to our in-person year (4 rural, 5 urban).
A summarized table of teacher population data is available in Supplemental Table S2.
Students demonstrate increased science confidence after the zebrafish camp
To assess how our camp impacts students’ science confidence, as is reported by other
zebrafish outreach projects45–48, we implemented pre and post-surveys similar to previous
assessment methods44,49,50. Between the in-person and online camps, we saw a similar positive
shift in confidence across all questions from pre to post (Figure 3), indicating that students left
our camps feeling more confident in their science skills. Furthermore, over half of our students
were already somewhat confident in their science skills coming into the camp; an average of
68% of the 2019 in-person students and 86% of the 2020 online students selected confident presurvey values (i.e., 1 or 2) across all questions. For both camps, the largest confidence gain was
on Q1, which asked about confidence in composing the introduction to a lab report (Table 1; inperson gain=1.00, online gain=0.48). However, these gains are significantly different between
the camps (p=0.03), with confidence gain being significantly lower in the online camp. As this
was the most significant gain observed for the online camp, we can infer that overall,
improvements in science confidence were lower across all questions. For both camps, the
smallest gain was on Q7, which asked about confidence in explaining a topic learned at HSTA to
another person (Table 1; in-person gain=0.00, online gain=0.17). The largest gap in gain between
both camps was on Q11, which asked about confidence in working with a group. The online
camp gain (0.18) was significantly lower than the in-person camp gain (0.58, p=0.04), which is
not surprising due to the nature of online environments making groupwork feel less authentic. In
general, bigger shifts in confidence were observed for both camps on questions related to
performing scientific tasks (Qs 1, 2, 3, 9) and less so on questions related to expectations of
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success or perception of science capability (Qs 6, 8, 10, 11). Low gains in the latter criteria agree
with reports describing low STEM success expectations by minority and underrepresented
students51–54.
Perceptions of online learning, zebrafish, and STEM degrees
We included additional questions on the post-survey on 2020 online surveys that focused
on three topic areas: online learning, zebrafish, and interest in research and STEM degrees
(Table 2). The first topic area, online learning, has become increasingly relevant in educational
practices, offering flexibility and independence more so than traditional environments55–57.
However, creating effective online modules that use lab-based practices, methods, and real
scientific data is challenging. Through our surveys, we found that only 50% (31/62) of our
students agreed that online learning is enjoyable (Q1). However, 85% (53/62) of students agreed
that the online environment allowed them to learn at their own pace and better understand
concepts (Q2). Furthermore, 79% (49/62) of students agreed that the online zebrafish camp was
an enjoyable experience (Q3), suggesting that perceptions towards online learning are somewhat
negative but could be positively impacted by well-designed online material. A strong interest in
zebrafish was evident in the second topic area, with close to all respondents agreeing that they
would enjoy learning more about zebrafish and in school (Q4-7). Finally, in the third topic area,
we found that our camp inspired interest in research and STEM degrees. 77% (48/62) of students
enjoyed using the scientific method to solve problems (Q9) and 74% (46/62) agreed that they felt
more interested in pursuing research after our camp (Q10). Additionally, 68% (42/62) of our
participants agreed that they ended the camp feeling more interested in pursuing a STEM degree
(Q11). Collectively, these results demonstrate that experiences using zebrafish would be received
positively by students and inspire STEM interest. Notably, we show that zebrafish learning
experiences in online spaces are possible and enjoyed by students, which is an important
consideration for future online STEM outreach development.
Supplies and funding are required for STEM outreach in rural communities
Previous reports demonstrate success in performing zebrafish experiments in classroom
settings29,33,36,38,58. However, rural teachers face various challenges that may prevent them from
taking advantage of existing strategies7–11, and alternative methods might need to be developed
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to suit varied needs. Through our teacher surveys, we found that the top concerns to be resolved
before zebrafish grow in WV were largely consistent state-wide (Figure 4). For urban teachers,
the top three concerns, in rank order, were availability of supplies and equipment, experience,
and funding (61%, 57%, 54% selection, respectively). For rural teachers, there were four top
concerns. The top ranked concern was knowledge (52% selection), followed by a three-way-tie
for supplies and equipment, experience, and funding (48% selection each). These findings
ultimately suggest that similar concerns exist amongst teachers in WV regardless of working in
rural or urban settings. Overall, these surveys provide insight from teachers working in 24/55
(44%) WV counties (11 (46%) urban and 13 (54%) rural). As our distribution of rural to urban
counties and the number of teachers falling into either category are comparable, we believe this
data is generally representative of state-wide teaching needs and can inform of ways to extend
our reach to classrooms in WV.
Although not part of the top determining factors, two factors had variable responses
between rural and urban teachers. The first factor was time/effort, which was selected more by
urban teachers (13/28; 46%) than rural teachers (6/27; 22%). As previously mentioned, most
urban teachers reported being responsible for a large number of students annually. Therefore,
these teachers may perceive integrating zebrafish into their curricula as less feasible because of
student volume. Salary was the second factor and was selected more by rural teachers (5/27;
18%) than urban teachers (1/28; 0.04%). Consistent with salary, lower financial incentive is a
pervasive issue within rural education7–11.
Integrating zebrafish into rural STEM education is possible given appropriate support
Following a presentation by study personnel, we assessed HSTA teachers' desire and
feasibility of implementing zebrafish into their classrooms. The majority agreed that zebrafish
would get students excited about science (total 81% (21/26); rural, 86% (24/28); urban; Q12,
Table 3). However, we observed mixed opinions regarding the feasibility of implementing
zebrafish into classrooms. Not surprisingly, familiarity with zebrafish by WV teachers is
minimal (15% (4/26) rural; 7% (2/28) urban; Q9), and as a result, only 32% (8/25) rural and 27%
(7/26) urban teachers were willing to host a zebrafish tank in their classroom given their current
familiarity. Many teachers were more likely to invite an outreach team to do experiments using
zebrafish (36% (9/25) rural, 44% (12/27) urban, Q14). However, a majority agreed that they
110

were willing to pursue this strategy if provided with training (60% (15/25) rural, 46% (12/26)
urban; Q11) or comprehensive manuals for care and experimentation (81% (21/26) rural, 44%
(12/27) urban; Q15).
Although no significant differences were observed between rural and urban teacher
responses, there is variability across some questions. On average, fewer rural teachers agreed
with Q1 (11/26 rural, 17/28 urban; Table 3), Q3 (18/26 rural, 23/28 urban), and Q6 (11/26 rural,
18/28 urban). These questions were related to external funding availability, access to science
equipment, and the presence of science outreach and extracurriculars for students, all of which
are pervasive issues in rural STEM education. On the other hand, more rural teachers agreed
with Q11 (15/25 rural, 12/26 urban), Q13 (18/25 rural, 15/27 urban), and Q15 (15/21 rural, 12/27
urban). These questions asked whether the teachers were willing to implement new teaching
strategies and zebrafish specifically into their classrooms. Overall, these varied responses
indicate that desire and feasibility of implementing zebrafish into classrooms is affected by a
combination of factors. Our data also shows that despite the suggested challenges, WV teachers
are invested in enhancing STEM education in their classrooms and are interested in zebrafish
given appropriate support.
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DISCUSSION
Zebrafish research experiences yield positive outcomes for underrepresented students in
Appalachia
Our zebrafish outreach camp positively impacts science confidence amongst
underrepresented students in WV (Figure 3 and Table 1). We identified similar shifts in science
confidence across both of our camps, demonstrating the effectiveness of our strategy in both inperson and online formats. Interestingly, our confidence gain data suggests that students perceive
their ability to write about science more strongly than their ability to succeed in a collaborative
workspace or apply their knowledge to a new problem. This finding agrees with reports
describing lower self-expectations for success in STEM by minority and underrepresented
students51–54. However, our data also reveal interest in zebrafish, research, and STEM degrees by
students in WV (Table 2). Collectively, this report provides rationale for continued development
of zebrafish learning experiences in WV and other Appalachian regions. Efforts like these in WV
and beyond could positively influence student perceptions of STEM, which is particularly
important for underrepresented and minority students. Lower interest in STEM appears early in
these student groups and results from a combination of factors. Some factors include inadequate
funding and resources for education development in their schools, negative perceptions of
STEM, low expectations of their success, family/peer influence, and inadequate educational and
career support through high school51–54. Importantly, HSTA students participating in our
zebrafish outreach experience represent underrepresented student groups reported to have lower
interest in STEM59–66.
Forming a science-education partnership amplifies the reach of STEM experiences
This report demonstrates the success of a zebrafish outreach camp in a rural Appalachian
state made possible through the partnership of a zebrafish research lab and an established
outreach organization. HSTA describes their model as one for “brain gain” that is ready to be
replicated in any state67; thus the development of initiatives adapting the HSTA model could
facilitate widespread interest in STEM. For others interested in developing zebrafish education
initiatives similar to ours, partnering with an existing outreach organization is a proven method
for establishing the basis of a zebrafish outreach camp. By forming these partnerships, zebrafish
labs can extend their reach beyond research and positively influence STEM perceptions amongst
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students. Although our results reflect positive outcomes, this data only represents two cohorts of
HSTA students. HSTA follows students through college graduation, and potential future
directions of this work could include following up with zebrafish camp alumni to collect
information on major declaration and status in research. Surveys of professional scientists have
found that science camps and laboratory experiences are commonly cited as early motivations
for becoming a scientist68. Thus, it would be interesting to determine if our zebrafish camp has
any influence on academic and career decisions.
Online learning as a frontier for continued STEM outreach development
Students participating in our 2020 online zebrafish camp expressed low enjoyment of
online learning in general (Table 2, Q1). Given the onset of the COVID-19 pandemic in the
months before the 2020 camp, it is not surprising that initial perceptions of online learning were
less positive. Nonetheless, these students expressed enjoyment of our online camp (Table 2, Q3)
and indicated that they left the experience feeling more interested in zebrafish, research, and
STEM degrees. These findings demonstrate that well-designed online experiences can foster
positive outcomes similar to in-lab experiences and necessitates that more online learning
experiences like ours are developed. Many virtual platforms that simulate in-lab research
experiences already exist, such as Labster69 and PraxiLabs70. Moreover, several online databases
and resources exist for learning about zebrafish71,72, and zebrafish even made their debut on
mobile platforms in an interactive app called SimUFish that focuses on modeling behavior73.
Virtual zebrafish research experiences can supplement existing virtual programs and benefit
students that otherwise have limited access to in-lab experiences. However, online learning can
be exclusive to certain groups of students, particularly those living rurally. In WV, it is estimated
that 34% of students lack sufficient internet access or speed to participate in online activities, and
31% do not own or have not been provided devices for distance learning74. Progress must be
made on these issues for online STEM outreach to be available for all students, and our work
supports the need for this progress to be made. As our online camp was able to reach more
students than our in-person camp, there is potential for experiences like these to provide STEM
exposure to more rural students in WV.
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Partnerships between zebrafish researchers and teachers can bring zebrafish into science
classrooms
Outreach programs that serve underrepresented students, like HSTA, are optimal for
introducing students to zebrafish research. One avenue for the continued growth of programs like
ours is direct collaborations with teachers. Researcher-teacher partnerships, some including
zebrafish, have previously been successful29,75. Our data indicate that teachers in WV are
interested in bolstering their strategies for STEM education and would be willing to use
zebrafish, but require tailored support (Table 3, Figure 3). Stemming from our initial
collaborations with HSTA, we established partnerships with teachers from two high schools in
WV. Our first partnership is with a teacher from Monongalia county, an urban county, who
wrote and received a state grant that funded a zebrafish tank for their classroom. Our second
collaboration was with another teacher from Raleigh county, a rural county. We donated surplus
supplies that made it possible to establish a zebrafish tank in their classroom. We began both
partnerships with in-lab training experiences (which the teachers were paid for by HSTA) to
provide the teachers with initial exposure to working with zebrafish. We also wrote and provided
them with comprehensive zebrafish care and experimentation pamphlets. We then provided
zebrafish to both teachers through a lab-to-classroom adoption program approved by WVU
IACUC. These partnerships demonstrate that collaborations between research labs and teachers
in WV are feasible but also highlight how specific support is required.
Conclusion
This report highlights success in developing and implementing a zebrafish outreach camp
in both in-person and online formats. Our camp can be modeled by other developing zebrafish
outreach experiences. Based on our findings, we believe that zebrafish learning experiences will
yield positive outcomes for students across WV and other Appalachian regions, whether inperson or online. Surveyed WV teachers believe that zebrafish would excite their students about
science. However, implementing zebrafish tanks in classrooms requires varied support based on
access to funding, training, and resources. Future efforts will focus on continuing our partnership
with HSTA, determining methods for extending our reach beyond HSTA, and growing our
grass-roots program through more partnerships with teachers.
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Figure 1. Map of STEM outreach in West Virginia compared to K-12 student enrollment.
Map displays the distribution of STEM outreach initiatives (summer camps, science centers,
STEM programs, extracurricular clubs, and university-affiliated programs) across counties in
West Virginia. The number of K-12 students per county for the 2020-21 academic year is
represented by the value within the county x1,000 (Data from the West Virginia Department of
Education). Cooler colors indicate fewer outreach initiatives, warmer colors indicate more
outreach initiatives, and no color indicates no outreach initiatives. Cross hatching indicates urban
counties (data from the Economic Research Service, US Department of Agriculture). Table
summarizes the distribution of outreach across rural versus urban counties.
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Figure 2. Zebrafish in the education literature. Graph represents the number of publications
containing the keywords “zebrafish” and “classroom” from 1994 (2 publications) to 2020 (294
publications). Data obtained from searches conducted on Google Scholar.
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Figure 3. Students report higher science confidence following the zebrafish camp in both
in-person and online formats. Graph represents average student responses across all questions
for the pre (blue bars) and post (green bars) surveys. Solid bars represent data from our 2019 inperson camp (n=12 students) and dotted bars represent data from our 2020 online camp (n=65
students). Answers from students were ranked on a Likert scale ranging from 1 (strongly agree)
to 5 (strongly disagree).
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Table 1. Science confidence gains between students participating in the in-person
and online camps Table represents the average gain in science confidence for all questions for
the in-person (n=12) and online (n=65) zebrafish camps Answers from students were ranked on a
Likert scale ranging from 1 (strongly agree) to 5 (strongly disagree). Questions and gain values
with asterisks (*) are significantly different between the camps as determined by a two-tailed ttest at α=0.05. SD = standard deviation.
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Table 2. Student perceptions about online learning, zebrafish, research, and STEM
degrees. Table represents the average response from students participating in the online
zebrafish camp only. Answers from students were ranked on a Likert scale ranging from 1
(strongly agree) to 5 (strongly disagree). “% Agree or Strongly Agree” represents the percentage
of students (total n=65) agreeing with the statement (i.e., selecting 1 or 2). SD = standard
deviation.
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Figure 4. Concerns for implementing new approaches to science education as reported by
HSTA teachers. Graph represents the percentage of teachers (total n=55, rural n=27, urban
n=28) selecting factors that might prevent them from using zebrafish or other innovative
strategies as a tool for enhanced science education. Red bars represent urban teachers and blue
bars represent rural teachers. Map depicts the distribution of counties represented by the teachers
(n=24/55 counties). The color code corresponds to the color code on the graph; red counties are
urban and blue counties are rural.
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Table 3. Insights on feasibility and desire for incorporating zebrafish into classrooms as
reported by HSTA teachers. Table represents average responses from HSTA teachers (total
n=55, rural n=27, urban n=28) indicating their agreement with statements relevant to their
teaching. Answers from teachers were ranked on a Likert scale ranging from 1 (strongly agree)
to 5 (strongly disagree). “% Agree or Strongly Agree” represents the percentage of teachers
agreeing with the statement (i.e., selecting 1 or 2). No significant differences exist between rural
and urban teacher responses as determined by a two-tailed t-test at α=0.05. SD = standard
deviation.
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CHAPTER 5
Discussion and Future Directions
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Part I: The genomic screen homeobox genes in early neurodevelopment
INTRODUCTION
Transcription factor regulation of early neurodevelopment is essential for generating
initial neuronal cell diversity, connectivity, and function. My dissertation explores many
questions regarding the genomic screen homeobox genes, the roles of which are only minimally
understood across the central nervous system (CNS) in vertebrates. In Chapter 2, I
comprehensively characterized the spatiotemporal expression patterns of gsx1 and gsx2 in
embryonic and larval zebrafish, described phenotypes of gsx1∆11 and gsx2∆13a mutants, and
demonstrated that Gsx1 and Gsx2 regionally regulate zebrafish distal-less homeobox 2a and 2b
(dlx2a and dlx2b). The work presented in this chapter is valuable for future investigations of
Gsx1 and Gsx2 function across many brain regions in zebrafish that have been generally under
studied across vertebrates. In Chapter 3, I investigated the regulatory relationship between Gsx1
and Gsx2 in embryonic zebrafish and show that their relationship does not appear to be
inhibitory as it is in mouse1,2. Also in this chapter, I presented an in-depth in silico analysis of
single-cell reports in zebrafish to describe a putative Gsx gene regulatory network across
developing brain regions and over neurodevelopmental time. The work presented in this chapter
provides initial insight into the larger Gsx1 and Gsx2 gene regulatory network and establishes a
basis for placing the gsx genes in a network containing human neurodevelopmental disorder
(NDD) gene orthologues. Collectively, my dissertation presents evidence that Gsx1 and Gsx2 are
important factors for early and later brain development and function from fish to mammals.
Integrating our knowledge of their importance in neuronal progenitor regulation1, the potentially
large list of putative target genes they could regulate, and implications in various NDDs, future
studies can work towards an understanding of the relevance of the Gsx transcription factors in
the development of many brain regions across zebrafish CNS. As we broaden our understanding
of Gsx1 and Gsx2 in neurodevelopment across vertebrates, we move closer to elucidating some
important molecular and genetic mechanisms underpinning CNS development and function.
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DISCUSSION
gsx1 and gsx2 expression in the zebrafish CNS
The Gsx genes display dynamic expression patterns across the CNS of several vertebrates
including mouse3,4, Xenopus5, and medaka6. In Chapter 2, I demonstrate that expression of
zebrafish gsx1 and gsx2 occurs dynamically across many consistent brain regions reported in
these vertebrates and in a few studies done in zebrafish7,8 (Chapter 2, Figures 2-3). We identified
many similarities in the onset of gsx1 expression4–6,8 and the dorsoventral patterns of gsx1 and
gsx2 expression in the hindbrain as previous reports5,9. These findings are suggestive of some
conserved roles for Gsx1 and Gsx2 during zebrafish neurodevelopment and permits
comprehensive characterization of unique Gsx1 and Gsx2 function(s) in zebrafish embryos and
larvae in regions where they have been under analyzed in other vertebrates.
Gsx1 and Gsx2 are expressed together in the ventral telencephalon in mouse, however in
distinct subregions7,10,11. Coordinate Gsx1 and Gsx2 expression has also been reported in the
mouse12 and zebrafish spinal cord9. Outside of these studies, overlapping expression and
coordinate roles for Gsx1 and Gsx2 are minimally known. My work in Chapter 2 demonstrates
that gsx1 and gsx2 expression in zebrafish is mostly unique, and although regional co-expression
occurs in the hypothalamus, hindbrain, and preoptic area, gsx1 and gsx2 rarely co-localize in the
same cells (Chapter 2, Figures 4-6). These results suggest unique roles for Gsx1 and Gsx2 during
zebrafish neurodevelopment. Co-expression of gsx1 and gsx2 in the hypothalamus in zebrafish is
interesting, as Gsx1 has been implicated in hypothalamic/pituitary development in mouse13,
however no roles for Gsx2 have been reported in this region. Initial gsx1 expression in the
zebrafish hypothalamus begins between 30-48 hpf and initial gsx2 expression begins between
24-30 hpf. This earlier versus later onset of gsx2 and gsx1 in the hypothalamus, respectively, is
reminiscent of previously reported roles in mouse for progenitor maintenance (Gsx2) versus
progenitor differentiation (Gsx1)1. Curiously, both gsx1 and gsx2 expression persists in the
hypothalamus through 6 dpf, suggesting that their expression and function in this region is
important through larval stages.
Phenotypes of gsx1∆11 and gsx2∆13a mutant zebrafish
Gsx1 mouse mutants are dwarves that experience disruptions in hypothalamic-pituitary
signaling and postnatal mortality13. We show that gsx1∆11 zebrafish mutants are also smaller
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than their wild-type siblings starting at two weeks of age (Chapter 2, Figure 7). Unlike mouse
mutants, our gsx1∆11 mutant zebrafish are adult viable, permitting investigations of early and
later Gsx1 function. The phenotypes of the Gsx1 mouse mutants were largely attributed to
hypothalamic defects, and I show that gsx1 is expressed in the zebrafish hypothalamus from 30
hpf to at least 6 dpf (Chapter 2, Figures 2-3). Additionally, my in silico analyses of single-cell
reports in zebrafish further support the tie between Gsx1 and the development and prolonged
function of Gsx1 in the hypothalamus. Collectively, this work suggests conserved roles for Gsx1
in hypothalamic-pituitary development and function across species.
Gsx2 mouse mutants exhibit disturbed forebrain and hindbrain morphology and do not
survive more than one day following birth14, demonstrating how loss of GSX2 has severe
consequences for normal brain development. Interestingly, our gsx2∆13a mutant zebrafish fail to
inflate their swim bladders between 4-5 dpf, preventing their survival as larvae (Chapter 2,
Figure 7). Swim bladder development in fishes is mediated by the thyroid and requires proper
Wnt/β-catenin signaling and expression of aryl hydrocarbon receptors15,16. Thyroid hormones
(THs) are important for normal development and physiological function in fish and mammals
and are produced via cross-talk between the hypothalamus, pituitary, and thyroid glands (i.e., the
HPT axis)17,18. In mammals, the hypothalamus secretes thyrotropin-releasing hormone (TRH),
which stimulates thyroid-stimulating hormone (TSH), which then regulates TH synthesis
broadly. Only minor differences exist in fish; corticotropin-releasing factor (CRF) regulates TSH
secretion instead of TRH19. Therefore, disruptions in this circuit could underly the swim bladder
phenotype of our gsx2∆13a mutant zebrafish and future investigations of these hormones may be
beneficial in addressing these questions.
Interestingly, one study investigating gsx2 mutant zebrafish at 2-3 dpf revealed that gsx2
is required for patterning and specification of inferior olivary (IO) neurons in the caudal
hindbrain7. IO neurons relay signals mostly from the spinal cord to Purkinje cells in the
cerebellum to regulate motor coordination20. This report did not investigate motor function in
their gsx2 mutants; however, we can theorize that our gsx2∆13a mutant zebrafish may
experience disruptions in motor control on top of swim bladder inflation issues. This additional
complication would contribute to lethality during larval stages as gross motor control and an
inflated swim bladder are necessary for fish to seek and capture food.
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The regulatory relationship between Gsx1 and Gsx2 in zebrafish
A complex, mostly inhibitory relationship exists between GSX1 and GSX2 in the mouse
forebrain. GSX1 represses Gsx2, however is capable of compensating for loss of GSX2 in Gsx2
mutants by expanding into the endogenous Gsx2 domain1,2. Interestingly, we detected increased
gsx1 expression in gsx2∆13a-/- zebrafish through whole mount in situ hybridization (WISH) and
fluorescence in situ hybridization (FISH) gene expression measurements, however this
difference was not detected using RT-qPCR (Chapter 3, Figure 1). As the expansion of Gsx1 in
Gsx2 mouse mutants occurs specifically in the lateral ganglionic eminence of the telencephalon,
expansion of gsx1 in gsx2∆13a-/- zebrafish may be restricted to a very fine domain in the early
zebrafish forebrain that is undetected by RT-qPCR. If this is the case, then Gsx2 may partially
inhibit gsx1 in the zebrafish forebrain. For those addressing these questions in the future, perhaps
using cell counts of FISH images would provide insight to the nature of these changes. We
detected no change in gsx2 expression in our gsx1∆11-/- zebrafish through WISH, FISH, or RTqPCR, thus at this time we can predict that Gsx1 likely does not affect expression of gsx2 in the
forebrain.
Through mRNA microinjections I have shown that Gsx1 does not downregulate gsx2
expression in zebrafish as it does in mouse1. Interestingly, overexpression of gsx1 appears to
partially rescue reduced gsx2 expression observed in gsx2∆5 mutant zebrafish (Chapter 3, Figure
2). We cannot conclude that Gsx1 is directly upregulating gsx2, as no difference in expression
was observed between wild type controls and wild type embryos injected with gsx1 mRNA.
Future studies using RT-qPCR would be useful in addressing how expression of gsx2 changes in
this scenario.
Interestingly, definitive conclusions regarding if gsx2 overexpression impacts gsx1 could
not be made, as overexpression of gsx2 results in significant post-injection mortality and gross
morphological deformities (Chapter 3, Figure 3). In mouse, conditional overexpression of Gsx2
in the telencephalon only partially limits the range of Gsx1 expression1, again supporting their
inhibitory dynamics. Although Gsx2 mouse mutants experience deformities in specific brain
regions14, it is unclear if similar developmental difficulties occur in the conditional
overexpression studies. Although a useful genetic tool, gene overexpression can result in
consequences such as these through indirect inhibition or activation of other genes within gene
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networks21. In this sense, it might be that overexpression of Gsx2 mis-regulates transcriptional
control programs brain-wide.
dlx2a and dlx2b as Gsx1 and Gsx2 target genes in the zebrafish forebrain
GSX1 and GSX2 upregulate Dlx2 in the mouse forebrain, which in turn represses Gsx1
and Gsx222. Based on work presented in Chapter 2, we can confirm the zebrafish paralogs dlx2a
and dlx2b as target genes of Gsx1 and Gsx2 in the zebrafish forebrain. By aligning our WISH
and RT-qPCR data, we can construct a preliminary model for Gsx/Dlx2 regulation in zebrafish.
RT-qPCR shows that dlx2a is not significantly reduced in gsx2∆13a mutants, however based on
WISH we predict this is because Gsx1 partially sustains dlx2a expression in the diencephalon.
Consistent with this, dlx2a is significantly reduced in double gsx1∆11;gsx2∆13a mutants.
Therefore, Gsx1 and Gsx2 regulate dlx2a differentially in the diencephalon and telencephalon,
respectively. RT-qPCR shows that dlx2b expression is significant reduced in gsx2∆13a mutants,
and even more significantly reduced in double gsx1∆11;gsx2∆13a mutants. Therefore, Gsx1 and
Gsx2 are likely regulating dlx2b in a regional method similarly to dlx2a, and mutations in gsx1
results in a more severe phenotype. Collectively, the Gsx transcription factors upregulate dlx2a
and dlx2b in zebrafish in a regional manner, similarly to what has been reported in the mouse
forebrain22. Given WISH and RT-qPCR yielded some variable results, further analysis using
FISH could more definitely confirm what regional changes occur in dlx2a and dlx2b expression
in our mutants. Analyses like these are important for investigating the roles of paralogous genes
in zebrafish, as duplicated genes have the potential to undergo multiple functional pathways
following duplication23. It is proposed that dlx2a is the zebrafish ortholog of mouse Dlx2 based
on genomic bigene cluster arrangement24. Our work demonstrates how the dlx2a and dlx2b
paralogs are similarly regulated by Gsx1 and Gsx2 in the zebrafish forebrain.
The putative Gsx gene regulatory network
Validation of crude in silico gene scanning:
Outside of our analyses of dlx2a and dlx2b, no confirmed zebrafish Gsx1 and Gsx2 target
genes are reported. In Chapter 3, I explain how our investigation of dlx2a and dlx2b came to be
following establishment of a lab-generated in silico putative Gsx target gene list. These genes
initially came from mouse10,22,25 and expanded to genes from gene-disease data repositories such
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as DisGeNET and NCBI GEO, mouse disease model research26–29, NDD patient studies30, and
human GWAS31–35 studies. Upon the publication of two single-cell reports conducted in
zebrafish36,37, we found that several genes identified in these reports have been previously listed
as a putative Gsx1 and Gsx2 target gene in zebrafish in our lab-generated dataset (Chapter 3,
Figure 5, Appendix A). Furthermore, several of these similarly identified genes were orthologs
of reported Gsx1/Gsx2 target genes in mouse1,22,25. Together, this assessment demonstrated that
our crude in silico approach, which led us to dlx2a and dlx2b, is a feasible method for predicting
Gsx target genes in zebrafish. Investigating these target genes will add to our knowledge of Gsx1
and Gsx2 function during neurodevelopment across vertebrates and could aid in determining the
true zebrafish ortholog of mammalian genes when they are duplicated in zebrafish.
Predicted temporal roles for gsx1 and gsx2 in zebrafish:
As discussed in Chapter 3, there is evidence that murine GSX1 and GSX2 regulate
progenitors differently, and that these dynamics are important for maintaining neuronal
progenitors (Gsx2) versus promoting differentiation (Gsx1)1. The brain-wide Raj et al. single-cell
report we analyzed revealed that gsx2 is highly expressed in genetic clusters during earlier
zebrafish neurodevelopment (<48 hpf) and that gsx1 is highly expressed mostly in later stages
(>48 hpf; Chapter 3, Figure 4). These findings suggest that zebrafish Gsx1 and Gsx2 might also
differentially

regulate

neuronal

progenitor

proliferation

versus

differentiation

during

neurodevelopment in zebrafish. In considering this theory, it is important to address the
developmental windows in which gsx1 and gsx2 are reported in (Chapter 3, Figure 4):
The first age range, 12-24 hpf, is the mid-segmentation to early pharyngula period in
zebrafish. During this phase, the somites are forming to allow the first morphogenic movements,
and by the pharyngula stage zebrafish are identifiably bilaterally organized and are
morphologically reminiscent of other vertebrates at the “phylotypic period”. Neurogenesis is
well underway during these ages, as it begins during late gastrulation in zebrafish (~8-9 hpf)38.
Identification of gsx1 and gsx2 in genetic clusters as early as 12 hpf agrees with our data in
Chapter 2, as both gsx are expressed by this age (Chapter 2, Figure 2). Furthermore, most of the
clusters contained gsx2 and not gsx1, again suggesting early regulation by Gsx2 during zebrafish
neurodevelopment. Some genetic overlap exists between hindbrain clusters that contain gsx1 or
gsx2, and consistent with this, there is evidence that Gsx1 and Gsx2 hold functions in the
cerebellum and in zebrafish and mouse7,39.
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The second age range, 36-48 hpf, is the late pharyngula to hatching period in zebrafish.
By this age morphogenesis of organ rudiments is largely complete, including the brain and spinal
cord. Despite general neuroanatomy being formed, neurogenesis continues in waves during
embryonic stages40. Secondary neurogenesis is prominent in hatching stage embryos41, and we
show that gsx1 and gsx2 are widely expressed during these ages in zebrafish across multiple
brain regions (Chapter 2, Figures 2-3). gsx1 and gsx2 are reported in their only shared genetic
cluster at 36 hpf in the hindbrain, and we show that dorsoventral expression of gsx1 and gsx2
persists around this age, suggesting coordinate functions in regulating hindbrain progenitor
proliferation and differentiation. Consistently, our FISH analyses at 48 hpf reveal distinct
expression patterns that suggest gsx1 is expressed in differentiating neurons extending ventrally,
while gsx2 is confined to progenitor populations located dorsally (Chapter 2, Figure 5).
The final age range, 5-15 dpf, is the larval period. Neurogenesis is still widespread in
zebrafish during these stages and through adulthood40,41. We have visually documented gsx1 and
gsx2 expression in zebrafish through 6 dpf (Chapter 2, Figures 2-6) and shown through RT-PCR
that transcripts are present through 1 year (Chapter 2, Figure 1). Interestingly, only gsx1 was
identified in genetic clusters during these later stages. This cluster was specific to the
diencephalon, namely hypothalamic regions. This finding agrees with roles for Gsx1 in
hypothalamic development and function in mouse13, predictions that phenotypes of our gsx1∆11
mutant zebrafish are typed to hypothalamic defects, and with the hypothalamic-specific Shafer et
al. single-cell dataset. Together, these insights further predictions that Gsx1 has roles in
hypothalamic development and later function in zebrafish.
From neurodevelopment to NDD etiology
Several zebrafish genes in our in silico Gsx1/Gsx2 putative target gene dataset (Chapter
3, Figures 4-5), have human orthologs implicated in one or more human neurodevelopmental
disorder (NDD). NDDs arise through the complicated interplay environmental factors and gene
mutations within genetic networks, and given previous ties between Gsx1 and Gsx2 with some
NDDs, these insights provide further rationale for investigating these genes as targets of Gsx1
and Gsx2 in zebrafish. As previously described, Gsx1 and Gsx2 have been implicated in several
human NDDs through patient studies42 and human GWAS studies43–47. Furthermore, gsx1 is a
molecular marker of neurons mediating prepulse inhibition (PPI) in zebrafish, and defects in this
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sensory gating phenomenon occur similarly in Gsx1 mouse knockouts and schizophrenia
patients48. Phenotypes of some NDDs are linked to dysfunctions in cortical interneuron
specification49, which are in part derived from gsx1 and gsx2-expressing progenitors in the
developing forebrain. We even have evidence that some human orthologs of confirmed Gsx1 and
Gsx2 target genes are involved in the genetic etiology of human NDDs, such as DLX2 (Dlx2 in
mouse and dlx2a/dlx2b in zebrafish, see Chapter 2, Figure 8), which is implicated in aberrant
inhibitory neuron signaling in autism and schizophrenia patients24,50–52. Although a big picture
goal, our in silico analysis bolsters the need for continued investigation of Gsx1 and Gsx2
function in zebrafish so that we can better understand their relevance in CNS development.
FUTURE DIRECTIONS
Identifying progenitor populations expressing gsx1 and gsx2 in the zebrafish CNS
I show in Chapter 2 that gsx1 and gsx2 are expressed dynamically across brain regions
during zebrafish neurodevelopment. These analyses are useful for future investigations of Gsx1
and Gsx2 function during neurodevelopment in zebrafish as they create a map of spatiotemporal
expression. Furthermore, these analyses provide opportunity to investigate Gsx function across
brain regions that have been under characterized across vertebrates. gsx1 and gsx2 are coexpressed regionally in the hypothalamus, hindbrain, and preoptic area, but rarely co-localize in
the same cells. Therefore, questions remain regarding the nature of the progenitor populations
expressing gsx1 versus gsx2 and how Gsx1 and Gsx2 regulate progenitor dynamics in these
regions. Additionally, it is curious whether Gsx1 or Gsx2 regulate each other in any of these
specific regions, as our assessment of changes in expression was broadly targeted at the gsx2
expression in the telencephalon and gsx1 in the diencephalon. These questions could be
addressed in future studies using FISH and confocal microscopy in our zebrafish mutants
combined with markers for progenitor proliferation versus differentiation. This information
would ultimately be useful for attributing function to Gsx1 and Gsx2 in zebrafish across the
developing brain regions where they are co-expressed.
Further characterization of gsx1 and gsx2 zebrafish mutants
Hypothalamic development and function:
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In Chapter 2, I show that gsx1 and gsx2 mutant zebrafish display unique phenotypes
potentially tied to disruptions hypothalamic circuits (Chapter 2, Figure 7), and in Chapter 3 I
discuss how data obtained from single-cell reports furthers the evidence that Gsx1 is an
important factor in hypothalamic development (Chapter 3, Figure 4). Thus, many questions
remain regarding how the gsx genes are integrated in this system, what other genes they regulate
as transcription factors, and what parts of the system are disturbed. These phenotypes are also
not apparent until specific stages of development, leading to questions regarding critical
windows for gsx gene expression. As our zebrafish gsx1 mutants survive to adulthood unlike
mouse models13, mutations in gsx1 may only be disturbing part of this system that is either
regulated by other transcription factors or is not entirely necessary for survival. Analyses of
putative target genes or hormones from the developing hypothalamus in our in silico dataset
using FISH and RT-qPCR in our mutants could reveal regulatory roles for Gsx1 and Gsx2 in this
system.
Morphology and target gene regulation:
Our gsx1 and gsx2 mutant zebrafish look identical during embryonic and early larval
stages, however, morphological abnormalities in specific brain regions could underly some of the
visible phenotypes we observed in our mutants. Gsx2 mouse mutants exhibit disturbed forebrain
and hindbrain morphology14, and some of these phenotypes are exacerbated by additional loss of
Gsx12,10,11,22. On the other hand, single Gsx1 mouse mutants maintain normal forebrain
morphology13. Future studies of brain morphology in our gsx1 and gsx2 mutants using combined
staining and sectioning methods would provide some insight to this question. Furthermore,
analyses of target gene expression in these brain regions using our in silico dataset can inform of
how other genes factor into these complications. For example, the lateral ganglionic eminence
(LGE) is abolished in Gsx2 mouse mutants, and in both Gsx1 and Gsx2 mouse mutants there is
mis-expression of dorsal and ventral markers1,10,14,22 The LGE is a proliferative region important
for producing cortical, interneurons in mouse53 and is homologous to subpallial subdivisions in
the zebrafish forebrain. Therefore, investigating pallial development and target gene expression
in our zebrafish mutants could inform of how Gsx1 and Gsx2 are important for normal brain
development, however more important will be investigating these kinds of questions in other
regions where little is known regarding Gsx1 and Gsx2 function. Analyses in outside regions in
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our mutants will be important for elucidating unique and coordinate Gsx1 and Gsx2 functions
across the CNS.
Elucidating Gsx gene regulatory networks in zebrafish
Our in silico approach at predicting target genes yielded discovery of dlx2a and dlx2b as
target genes of Gsx1 and Gsx2 in zebrafish. Given our lab generated dataset and the two singlecell datasets analyzed in Chapter 336,37, we now have an expansive list of putative target genes
that is organized by developmental time and brain region. As such, future studies can focus on
high priority target genes to investigate in our gsx1 and gsx2 mutant zebrafish, such as the genes
identified in the single-cell reports that our lab previously listed as a putative target gene (see
Chapter 3, Figure 5). Of these genes, those with known roles in zebrafish neurodevelopment and
overlapping expression patterns with gsx1 and gsx2 will be important to investigate. An example
is achaete-scute family bHLH transcription factor 1a and 1b (ascl1a and ascl1b), which are
expressed in many overlapping brain regions with gsx1 and gsx2, have roles in the timing of
neuronal specification in the ventral forebrain, and are important for GABAergic interneuron
differentiation with dlx2a24. Our expression and in silico data can be aligned to identify times
and brain regions where Gsx1 and Gsx2 regulate these genes and further our understanding of
their function across brain regions where their roles are minimally understood.
Our in silico datasets provide insight to genes that may be regulated by Gsx1 or Gsx2.
WISH, FISH, and RT-qPCR can be used to investigate how mutations in gsx1 and/or gsx2 can
impact the expression of Gsx1 and Gsx2 target genes. However, to identify how Gsx1 and Gsx2
regulate aspects of neurodevelopment broadly in zebrafish, approaches such as RNA sequencing
are needed. Thus far, we have established an inventory of total RNA samples extracted from
wild type and gsx1∆11 mutants that will be used in future work to assess gene expression
differences. These samples were derived from whole zebrafish heads and tails (representing gene
expression in the brain versus spinal cord) and will give us a global picture of genetic networks
impacted by mutations in gsx1. These analyses can be supplemented using similar methods to
assess gene expression differences in our gsx2 mutants, and could potentially incorporate
dissections to separate brain regions. Ultimately, results from RNA sequencing can be aligned
with our in silico datasets to determine if any overlapping genes are identified. Together, this
work will contribute to our understanding of Gsx1 and Gsx2 function during neurodevelopment.
135

References
1. Pei, Z. et al. Homeobox genes Gsx1 and Gsx2 differentially regulate telencephalic progenitor maturation. Proc.
Natl. Acad. Sci. 108, 1675–1680 (2011).
2. Toresson, H. & Campbell, K. A role for Gsh1 in the developing striatum and olfactory bulb of Gsh2 mutant
mice. Development 128, 4769–4780 (2001).
3. Hsieh-Li, H. M. et al. Gsh-2, a murine homeobox gene expressed in the developing brain. Mech. Dev. 50, 177–
186 (1995).
4. Valerius, M. T. et al. Gsh-1: A novel murine homeobox gene expressed in the central nervous system. Dev. Dyn.
203, 337–351 (1995).
5. Illes, J. C., Winterbottom, E. & Isaacs, H. V. Cloning and expression analysis of the anterior parahox genes,
Gsh1 and Gsh2 from Xenopus tropicalis. Dev. Dyn. Off. Publ. Am. Assoc. Anat. 238, 194–203 (2009).
6. Deschet, K., Bourrat, F., Chourrout, D. & Joly, J.-S. Expression domains of the medaka (Oryzias latipes) Ol-Gsh
1 gene are reminiscent of those of clustered and orphan homeobox genes. Dev. Genes Evol. 208, 235–244
(1998).
7. Itoh, T. et al. Gsx2 is involved in specification of neurons in the inferior olivary nuclei from Ptf1a-expressing
neuronal progenitors in zebrafish. bioRxiv (2020).
8. Cheesman, S. E. & Eisen, J. S. gsh1 demarcates hypothalamus and intermediate spinal cord in zebrafish. Gene
Expr. Patterns 5, 107–112 (2004).
9. Satou, C. et al. Transgenic tools to characterize neuronal properties of discrete populations of zebrafish neurons.
Development 140, 3927–3931 (2013).
10. Yun, K., Garel, S., Fischman, S. & Rubenstein, J. L. R. Patterning of the lateral ganglionic eminence by the Gsh1
and Gsh2 homeobox genes regulates striatal and olfactory bulb histogenesis and the growth of axons through the
basal ganglia. J. Comp. Neurol. 461, 151–165 (2003).
11. Toresson, H., Potter, S. S. & Campbell, K. Genetic control of dorsal-ventral identity in the telencephalon:
opposing roles for Pax6 and Gsh2. Development 127, 4361–4371 (2000).
12. Mizuguchi, R. et al. Ascl1 and Gsh1/2 control inhibitory and excitatory cell fate in spinal sensory interneurons.
Nat. Neurosci. 9, 770–778 (2006).
13. Li, H., Zeitler, P. S., Valerius, M. T., Small, K. & Potter, S. S. Gsh-1, an orphan Hox gene, is required for normal
pituitary development. EMBO J. 15, 714–724 (1996).
14. Szucsik, J. C. et al. Altered Forebrain and Hindbrain Development in Mice Mutant for the Gsh-2Homeobox
Gene. Dev. Biol. 191, 230–242 (1997).
15. Yin, A., Korzh, S., Winata, C. L., Korzh, V. & Gong, Z. Wnt Signaling Is Required for Early Development of
Zebrafish Swimbladder. PLOS ONE 6, e18431 (2011).
16. Jönsson, M. E., Jenny, M. J., Woodin, B. R., Hahn, M. E. & Stegeman, J. J. Role of AHR2 in the Expression of
Novel Cytochrome P450 1 Family Genes, Cell Cycle Genes, and Morphological Defects in Developing Zebra
Fish Exposed to 3,3′,4,4′,5-Pentachlorobiphenyl or 2,3,7,8-Tetrachlorodibenzo-p-dioxin. Toxicol. Sci. 100, 180–
193 (2007).
17. Power, D. M. et al. Thyroid hormones in growth and development of fish. Comp. Biochem. Physiol. Part C
Toxicol. Pharmacol. 130, 447–459 (2001).
18. Yen, P. M. & Chin, W. W. Molecular mechanisms of dominant negative activity by nuclear hormone receptors.
Mol. Endocrinol. 8, 1450–1454 (1994).
19. De Groef, B., Van der Geyten, S., Darras, V. M. & Kühn, E. R. Role of corticotropin-releasing hormone as a
thyrotropin-releasing factor in non-mammalian vertebrates. Gen. Comp. Endocrinol. 146, 62–68 (2006).
20. Llinás, R. R. Inferior olive oscillation as the temporal basis for motricity and oscillatory reset as the basis for
motor error correction. Neuroscience 162, 797–804 (2009).
21. Prelich, G. Gene Overexpression: Uses, Mechanisms, and Interpretation. Genetics 190, 841–854 (2012).
22. Wang, B. et al. Loss of Gsx1 and Gsx2 function rescues distinct phenotypes in Dlx1/2 mutants. J. Comp. Neurol.
521, 1561–1584 (2013).
23. Magadum, S., Banerjee, U., Murugan, P., Gangapur, D. & Ravikesavan, R. Gene duplication as a major force in
evolution. J. Genet. 92, 155–161 (2013).
24. MacDonald, R. B., Debiais Thibaud, M., Talbot, J. C. & Ekker, M. The relationship between dlx and gad1
expression indicates highly conserved genetic pathways in the zebrafish forebrain. Dev. Dyn. 239, 2298–2306
(2010).
25. Carney, R. S. E., Cocas, L. A., Hirata, T., Mansfield, K. & Corbin, J. G. Differential Regulation of Telencephalic
Pallial–Subpallial Boundary Patterning by Pax6 and Gsh2. Cereb. Cortex 19, 745–759 (2009).

136

26. Sgadò, P. et al. Loss of GABAergic neurons in the hippocampus and cerebral cortex of Engrailed-2 null mutant
mice: Implications for autism spectrum disorders. Exp. Neurol. 247, 496–505 (2013).
27. Fenelon, K. et al. The Pattern of Cortical Dysfunction in a Mouse Model of a Schizophrenia-Related
Microdeletion. J. Neurosci. 33, 14825–14839 (2013).
28. Stark, K. L. et al. Altered brain microRNA biogenesis contributes to phenotypic deficits in a 22q11-deletion
mouse model. Nat. Genet. 40, 751–760 (2008).
29. Saul, M. C., Gessay, G. M. & Gammie, S. C. A New Mouse Model for Mania Shares Genetic Correlates with
Human Bipolar Disorder. PLoS ONE 7, (2012).
30. Zawerton, A. et al. De Novo SOX4 Variants Cause a Neurodevelopmental Disease Associated with Mild
Dysmorphism. Am. J. Hum. Genet. 104, 246–259 (2019).
31. Brennand, K. J., Simone, A., Tran, N. & Gage, F. H. Modeling psychiatric disorders at the cellular and network
levels. Mol. Psychiatry 17, 1239–1253 (2012).
32. Lanz, T. A. et al. Transcriptomic analysis of genetically defined autism candidate genes reveals common
mechanisms of action. Mol. Autism 4, 45 (2013).
33. Gilbert, J. & Man, H.-Y. Fundamental Elements in Autism: From Neurogenesis and Neurite Growth to Synaptic
Plasticity. Front. Cell. Neurosci. 11, (2017).
34. Hoischen, A., Krumm, N. & Eichler, E. E. Prioritization of neurodevelopmental disease genes by discovery of
new mutations. Nat. Neurosci. 17, 764–772 (2014).
35. Coe, B. P. et al. Neurodevelopmental disease genes implicated by de novo mutation and copy number variation
morbidity. Nat. Genet. 51, 106–116 (2019).
36. Raj, B. et al. Emergence of Neuronal Diversity during Vertebrate Brain Development. Neuron 108, 10581074.e6 (2020).
37. Shafer, M. E. R., Sawh, A. N. & Schier, A. F. Gene family evolution underlies cell type diversification in the
hypothalamus of teleosts. bioRxiv 2020.12.13.414557 (2020) doi:10.1101/2020.12.13.414557.
38. Appel, B. & Chitnis, A. Neurogenesis and Specification of Neuronal Identity. in Pattern Formation in Zebrafish
(ed. Solnica-Krezel, L.) 237–251 (Springer, 2002). doi:10.1007/978-3-540-46041-1_12.
39. Ma, T. C., Vong, K. I. & Kwan, K. M. Spatiotemporal Decline of BMP Signaling Activity in Neural Progenitors
Mediates Fate Transition and Safeguards Neurogenesis. Cell Rep. 30, 3616-3624.e4 (2020).
40. Schmidt, R., Strähle, U. & Scholpp, S. Neurogenesis in zebrafish – from embryo to adult. Neural Develop. 8, 3
(2013).
41. Wullimann, M. F. Secondary neurogenesis and telencephalic organization in zebrafish and mice: a brief review.
Integr. Zool. 4, 123–133 (2009).
42. De Mori, R. et al. Agenesis of the putamen and globus pallidus caused by recessive mutations in the homeobox
gene GSX2. Brain J. Neurol. 142, 2965–2978 (2019).
43. Anney, R. J. L. et al. Conduct disorder and ADHD: evaluation of conduct problems as a categorical and
quantitative trait in the international multicentre ADHD genetics study. Am. J. Med. Genet. Part B Neuropsychiatr. Genet. 147B, 1369–1378 (2008).
44. Viana, J. et al. Schizophrenia-associated methylomic variation: molecular signatures of disease and polygenic
risk burden across multiple brain regions. Hum. Mol. Genet. 26, 210–225 (2017).
45. Cheng, Y., Quinn, J. F. & Weiss, L. A. An eQTL mapping approach reveals that rare variants in the SEMA5A
regulatory network impact autism risk. Hum. Mol. Genet. 22, 2960–2972 (2013).
46. Kirov, G. et al. A genome-wide association study in 574 schizophrenia trios using DNA pooling. Mol. Psychiatry
14, 796–803 (2009).
47. Huang, J. et al. Cross-Disorder Genomewide Analysis of Schizophrenia, Bipolar Disorder, and Depression. Am.
J. Psychiatry 167, 1254–1263 (2010).
48. Sitskoorn, M. M., Aleman, A., Ebisch, S. J. H., Appels, M. C. M. & Kahn, R. S. Cognitive deficits in relatives of
patients with schizophrenia: a meta-analysis. Schizophr. Res. 71, 285–295 (2004).
49. Marín, O. Interneuron dysfunction in psychiatric disorders. Nat. Rev. Neurosci. 13, 107–120 (2012).
50. Liu, X. et al. The DLX1 and DLX2 genes and susceptibility to autism spectrum disorders. Eur. J. Hum. Genet.
17, 228–235 (2009).
51. Anderson, S. A. Interneuron Migration from Basal Forebrain to Neocortex: Dependence on Dlx Genes. Science
278, 474–476 (1997).
52. Anderson, S. A. et al. Mutations of the Homeobox Genes Dlx-1 and Dlx-2 Disrupt the Striatal Subventricular
Zone and Differentiation of Late Born Striatal Neurons. Neuron 19, 27–37 (1997).
53. Kessaris, N., Magno, L., Rubin, A. N. & Oliveira, M. G. Genetic programs controlling cortical interneuron fate.
Curr. Opin. Neurobiol. 26, 79–87 (2014).
137

Part II: Using zebrafish in science outreach for underrepresented students
INTRODUCTION
The use of zebrafish in classroom settings has become increasingly popular in recent
years, demonstrating how zebrafish can sit at the intersection of scientific research and
education. The emergence of teaching modules and laboratory exercises using zebrafish1–5 nicely
complements recent calls for enhancing STEM education6,7 and provides a new avenue for
getting students excited about science. Unique experiences such as these are particularly valuable
for underrepresented students who would otherwise not have such opportunities. My dissertation
supports this idea, as I demonstrate how our science-education partnership with the Health
Sciences and Technology Academy (HSTA) results in positive outcomes for HSTA students.
Importantly, the students participating in our zebrafish outreach program, which we call “Fish in
a Dish”, represent student groups that have been traditionally underrepresented as college-goers
in West Virginia (WV)8. Our survey data demonstrates how our zebrafish learning experience
positively impacts science confidence amongst students in both in-person and online formats and
fosters excitement about zebrafish and research. Furthermore, data collected from HSTA
teachers reveals that interest in using zebrafish in classrooms exists amongst teachers in WV but
requires tailored support to be feasible. Stemming from our initial collaboration with HSTA, we
extended our program’s reach and established partnerships with two teachers in WV that set up
zebrafish tanks in their classrooms, proving the feasibility of our grass-roots efforts. Collectively,
our student and teacher surveys and initial teacher collaborations bring many important
considerations to light as we continue to improve and expand our program. In this chapter I
describe these insights and discuss how we can use this information to grow our program in an
informed way.
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DISCUSSION
STEM outreach in West Virginia
STEM outreach initiatives are typically located in urban cities9, and consistent with this
idea, we identified that STEM outreach is on average more concentrated in urban WV counties
(Chapter 4, Figure 1). Three counties (two urban, one rural) are significantly high outliers for
STEM outreach (i.e., had more outreach proportional to students volume), and 18/55 (32%) WV
counties did not have any identifiable outreach at all (7 urban, 11 rural). Together, this
demonstrates that although WV has a strong STEM outreach presence, there is some
disproportion in the distribution of these efforts, consistent with several reports that have
assessed pervasive issues in rural STEM education9–12. Physical distance from STEM
opportunities is a consistent issue in these reports; given that the majority of rural WV counties
contain only one or two initiatives, we cannot assume that all rural students in these counties
have access to them. We can hope that some initiatives reach students from multiple counties,
however we cannot assume equal accessibility for all students based on these distance issues.
Collectively, our assessment of STEM outreach in West Virginia suggests that many students
living in rural WV counties have very limited access to STEM outreach opportunities.
Furthermore, these students may also be negatively affected by other common issues associated
with rural STEM education, such as lack of advanced STEM coursework or low recruitment and
retention of qualified teachers11.
The impact of a science-education partnership for underrepresented students
Research experiences during high school positively influence perceptions of STEM,
interest in STEM careers, and overall confidence in science capabilities and achievement13–16.
Consistent with this, we found that students participating in Fish in a Dish through HSTA
experience positive shifts in science confidence, interest in research, and interest in STEM
degrees in both in person and online formats (Chapter 4, Figure 3, Tables 1-2). Engaging in
STEM experiences has also been shown to be particularly important underrepresented and
minority students9,11. As participants of HSTA, our students represent at least one of four
underrepresented student categories (live rurally, low socioeconomic status, first-generation
college student-to-be, and/or African American). Significantly, these students are traditionally
underrepresented in STEM in WV8. Therefore, beyond providing an exciting research experience
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for high school students that can positively influence their confidence and interest in STEM, we
have reached a diverse body of underrepresented students. Our science-education partnership
with HSTA is in its infancy and has much potential to continue and grow. To demonstrate the
impact of our program, we can look to open-ended student responses from our surveys, which
overwhelmingly showed how much the students we have worked with enjoyed learning about
and working with zebrafish:
In-person camp (2019)
1. “My outlook on sciences and research have
changed from mild interest to pretty intense
interest. I'm rethinking my whole future plans
honestly. The camp was so educational and
enjoyable. I learned tons while never being bored.”
2. “I enjoyed this camp a lot, it was really cool to see
how zebrafish can be used to answer science
questions. This lab made me rethink about being a
scientist, this lab made it cool to be a scientist.
There was nothing that I didn't like. I would love
to learn more about zebrafish in my high school.”
3. “I loved the zebrafish lab. I enjoyed identifying
the embryos and their stages. I would love to learn
about this in a school setting. It was amazing.”

Online camp (2020)
1. “I thought it was a good idea to have people do a
virtual lab before doing a real one, so they get an
understanding of what exactly they are
experimenting with.”
2. “I really enjoyed the zebrafish content, and really
wish that we could have worked with them in
person.”

3. “I think the camp was great and that the zebrafish
section was the area that I understood the most
and was the most fun.”

Online learning
Online learning has become increasingly relevant, especially given the onset of the
COVID-19 pandemic in 2020. Although online learning provides students better flexibility of
their learning experience, developing effective online STEM modules that integrate real
scientific skills has been traditionally difficult17. Fish in a Dish moved virtual in just the few
short months following the onset of the COVID-19 pandemic. However, we demonstrated that
an online zebrafish learning experience can still foster positive shifts in science confidence and
interest in STEM. Therefore, online zebrafish learning experiences are possible, and if welldesigned, can positively impact underrepresented students that have limited access to in-lab
experiences. In WV it is estimated that 34% of students lack sufficient internet access or speed to
participate in online activities and 31% do not own devices for distance learning19. Progress must
be made on these issues for online STEM outreach to be accessible for all students in WV, and
work like ours supports that this progress be made. Several online databases and resources exist
for learning about zebrafish2,18 that can and should be taken advantage of in generating unique
online zebrafish experiences.
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From HSTA to classrooms in West Virginia
Previous reports demonstrate success in partnerships between zebrafish researchers and
teachers20,21. Specifically, these reports demonstrate methods for implementing zebrafish tanks
into classrooms so that teachers can provide hands-on zebrafish activities and experiments for
their students. A major goal of Fish in a Dish is to expand our program to classrooms in WV, and
through our surveys we found that many teachers were interested in using zebrafish in some
capacity (Chapter 4, Table 3). However, the feasibility of these types of collaborations is likely
variable based on each teacher and school. As a largely rural state, WV teachers may be
burdened by common issues affecting rural STEM education9–12. Consistent with this idea, the
top concerns in implementing zebrafish tanks into classrooms reported by the teachers we
surveyed were the availability of supplies and equipment, funding, and knowledge/experience
(i.e., training-related concerns). These concerns were selected generally equally amongst rural
and urban teachers. Therefore, these insights indicate that regardless of rural/urban status,
teachers in WV experience similar teaching pressures. As we predicted that our list of concerns
that teachers could select from was not entirely comprehensive, we provided an open-ended
section in our surveys. Together, this information is important as it describes some pressing
teaching-related issues in WV that can be addressed as state-wide STEM education grows:
Comment
“Other limitations = rules, regulations, and guidance
regarding the use of verts in classrooms.”
“I live too far from the school to take care of the zebrafish
if we go to remote learning.”
“I would need specific examples of ways to use zebrafish
within my classroom before I would be willing to try it.”
Another limitation = changing school schedules.
I believe that it would be easy to get students interested in
this project if it met the curriculum.
“For ‘My school provides supplies and support for science
education.’ I answered, ‘not enough’.”

County working in

Rural/urban

Jefferson

Urban

Marshall

Urban

Monongalia

Urban

Monongalia

Urban

Boone

Urban

Tucker

Rural

These additional comments provide important insight into other factors that teachers may
consider before collaborating with Fish in a Dish. As can be seen, these concerns are related to
using vertebrates in schools, care and maintenance of the zebrafish tank, the availability of
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protocols and other experimental resources, variability in school schedules, and alignment with
curricula. Ultimately, the desire and feasibility of teacher-researcher collaborations integrates the
above factors, the factors on our provided list that teachers selected from, and perhaps other
factors which have yet to be identified. Collectively, our assessment of WV teacher responses
indicates that specific support is needed on a teacher-by-teacher basis before zebrafish can be
integrated into classrooms. This information is ultimately useful to the continued growth of our
program as well as other STEM outreach programs in WV and other predominately rural
Appalachian regions.
FUTURE DIRECTIONS
Continuing our partnership with HSTA
Camp reform:
Although critical comments in the open-ended section of our student surveys were
minimal, some reveal important considerations for the continued enhancement of Fish in a Dish
at HSTA. During the 2019 in-person year we only received a few critical comments. One student
felt as though they did not learn a lot during the camp because they came into the camp with a
strong scientific knowledge base. As such, this comment suggests that there is some variability in
how our students gauge their learning during our camp, even if that variability only comes from
one student. In general, the remaining students explained that they learned a lot during the camp.
Given this information, future iterations of Fish in a Dish may benefit from using pre-surveys
that assess content knowledge specific to the general content the camp will cover. This will
permit the camp to be better tailored to student needs and identify areas where students could
experience the most learning gains.
During the 2020 online year we received several critical comments that offer ideas for
camp reform. One student suggested an idea reminiscent of a “flipped classroom” approach. This
student suggested that students participating in an in-person experience would benefit from
completing online activities prior to coming to the lab. Interestingly, one student from the 2019
in-person camp explained that they disliked watching several informational videos during lab
time and would have preferred to do more hands-on activities. Given these comments, future
iterations of Fish in a Dish could adopt a flipped classroom approach and ask students to come
prepared to discuss some of the informational videos and films that we watch with them during
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the camps. Another student from the 2020 online year explained that they wanted to learn more
about the practical uses for zebrafish in human disease research. This is a topic that is covered
during our camp, however future iterations of Fish in a Dish could incorporate more discussion
of this topic should it be a strong interest of our participants.
Student follow-up data:
Our survey data suggests that students participating in Fish in a Dish experience positive
shifts in their perceived science confidence. The data also suggests that there is strong interest
amongst these students in research, animal models, and STEM careers. To gauge how impactful
our camp is in affecting these perceptions, it would be useful in the future to establish a system
for collecting follow-up data from students who participated in our camp. HSTA collects their
own follow-up data on students to obtain information relevant to college major declaration,
career choices, graduation rates, etc. Therefore, it would be relatively easy to work our own
questions into these follow-up questions specifically for Fish in a Dish alumni. Of interest would
be learning how many of these students end up joining research labs and conducting animal
model research, and whether or not these decisions were inspired by Fish in a Dish.
Growing a zebrafish outreach program in West Virginia
Teacher partnerships
Science-education partnerships between zebrafish researchers and teachers have been
shown to be successful1,20,22. HSTA provides Fish in a Dish with an optimal medium for
introducing underrepresented students to zebrafish research, and a future direction for the
continued growth of our program is direct partnerships with teachers in WV. Through HSTA,
which operates in 25 WV counties, we are able to connect with WV teachers across most of the
state. Notably, we have already demonstrated that this future direction is attainable. We have
previously established partnerships with teachers from two high schools in WV. At the first
school, located in Monongalia county (urban county), the teacher received a state grant that
funded a zebrafish tank setup for the classroom. At the second school, located in Raleigh county
(rural county), surplus supplies were donated by our lab to make it possible to establish a tank in
the classroom. In both cases we provided training, guidance, and a comprehensive zebrafish care
and experimentation document to these teachers. Our initial partnerships prove that these types
of collaborations are feasible in WV, and furthermore, they demonstrate how our program can in
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part address some of the top concerns by WV teachers (supplies, funding, experience, training,
experimental/protocol resources). As our program grows and demonstrates its impact, we can
pursue funding that will enhance our ability to collaborate with teachers that have specific needs
(ex: the National Science Foundation often has grants for K-12/STEM program development).
Our survey data will be useful in this regard to rationalize funding allocations for teacher
materials and supplies.
Connecting with the public:
Another avenue Fish in a Dish could explore in the future is connections with the general
public and students outside of classroom environments. Community outreach programs serve to
educate the public and break down stereotypes about scientists23,24 and Fish in a Dish could
contribute to this by extending beyond HSTA and interacting with communities in WV. In this
sense, our program could connect researchers with the surrounding community to positively
influence perceptions of STEM. Fish in a Dish has previously engaged in events like the Cheat
Lake Elementary annual science fair where we set up a vendor table with zebrafish, microscopes,
and activities for the students. Most memorable from this experience was a conversation with a
student who explained that they had never used a microscope before. Engaging in science does
not have to occur in formal classrooms, and interest in science can be generated from simple
moments such as these. In the future Fish in a Dish should continue reaching out to young
students and their families to encourage curiosity and fun within science.
The efficacy of our grass-roots model
Fish in a Dish has the ability to continue growing in an informed way given what we
have learned from students and teachers through our science-education partnership with HSTA.
By continuing our unique, grass-roots approach, we are confident that more connections can be
made to spread excitement about science and zebrafish across WV. Our existing teacher
partnerships also demonstrate how our program has started to grow beyond HSTA and into
classrooms in WV. To support the efficacy of our approach, we can align our work to-date with a
previously published 5-step framework for developing a science outreach program20. This not
only demonstrates how our program can grow, but also highlights how our approaches are
unique compared to similar programs (Figure 1):
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1) Contact teacher(s). Through our partnership with HSTA we have connections with
teachers across WV that provides us with a basis for growing our program. We have already
shown success in establishing partnerships with two teachers working with HSTA, and of
interest in the future will be identifying more HSTA teachers interested in working with us. As
our program grows it is likely that we can establish connections with teachers outside of HSTA,
or even from counties that do not participate in HSTA.
2) Calculate cost and seek local funding. Funding and the availability of supplies were
two of the several top concerns identified by WV teachers in our surveys. Installing a zebrafish
tank into a classroom does come with a cost burden, however almost 60% of teachers we
surveyed stated that they have access to funds through their schools. Consistent with this, we
encouraged a grant application by one of the teachers we independently collaborated with. Of
importance moving forward would be pursuing funding for Fish in a Dish that would support
establishing tanks in classrooms and providing materials for use by the students. For our second
collaboration we donated surplus materials from our lab; having funding to provide new
materials to classrooms would be beneficial for stimulating more collaborations.
3) Obtain approvals by your institution (e.g., vertebrate animal, safety) and the school.
We have an active IACUC protocol specific for outreach that we are able to adapt to include new
and changing collaborations under our guidance. About 62% of teachers stated that they would
be able to get permission to install a zebrafish tank in their classroom (Chapter 4, Table 3), thus
proving the feasibility of this effort. For those teachers who would not be able to get permission,
short (1-2 day) classroom visits by Fish in a Dish may be a better alternative.
4) Develop an evaluation plan to assess students and get feedback from your partner
teacher(s). Our current evaluation methods detailed in Chapter 4 can be used to assess science
confidence gains and interest in zebrafish, research, and STEM degrees by students in
classrooms. In the future, it might become important to add assessment of content knowledge
learning gains or the development of research skills to measure of the effectiveness of our
technique as other outreach initiatives have done20,22,25–27. These evaluation plans like these
would make a stronger case for obtaining funding for Fish in a Dish. Likewise, it will be
important to maintain communication with teachers we work with to ensure the success of the
collaboration. Through our teacher surveys we are aware of the top concerns for teachers when it
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comes to implementing a zebrafish tank, however, it is likely these concerns fluctuate, and also
likely that new issues will arise.
5) Scale up the program to other schools by hiring a dedicated program instructor. The
goal of Fish in a Dish would be to acquire funding so that we are able to scale up and reach as
many students in WV as possible, especially in underserved rural counties. If funding were
acquired, and dependent on our program needs as it grows, the recruitment of a qualified
scientist-educator that performs classroom visits and assists with the establishment and
coordination of partnerships could further enhance our initiative. About 41% of teachers agreed
that they are more likely to recruit an outreach team to visit their classroom than to do it
themselves (Chapter 4, Table 3), and most of these teachers also did not agree with statements
related to willingness to do classroom zebrafish research on their own. On top of this, many
teachers appeared concerned about time and effort. Thus, having a larger team working under
Fish in a Dish could open opportunity to become an initiative such as this. Not all teachers can
be expected to have the time, resources, support, and drive to implement a zebrafish tank in their
classroom. A first step in spreading excitement about zebrafish would be to introduce teachers to
them through our own outreach. By using this as a starting point, we would reach many
classrooms across WV, and work towards our goal of fostering interest and excitement in science
through zebrafish research.

146

References
1. Emran, F., Brooks, J. M., Zimmerman, S. R., Johnson, S. L. & Lue, R. A. Zebrafish Embryology and Cartilage
Staining Protocols for High School Students. Zebrafish 6, 139–143 (2009).
2. Smith, S. A. Zebrafish resources on the internet. ILAR J. 53, 208–214 (2012).
3. Bagatto, B. Guided Inquiry Lab Exercises in Development and Oxygen Consumption Using Zebrafish. Zebrafish
6, 161–168 (2009).
4. D’Costa, A. & Shepherd, I. T. Zebrafish development and genetics: introducing undergraduates to developmental
biology and genetics in a large introductory laboratory class. Zebrafish 6, 169–177 (2009).
5. Fields, M. C. et al. Danio rerio in K-12 Classrooms: Sparking Interest in the New Generation of Scientists.
Zebrafish 6, 145–160 (2009).
6. Pruitt, S. The Next Generation Science Standards: The Features and Challenges. J. Sci. Teach. Educ. 25, 145–
156 (2014).
7. Bybee, R. W. The ‘Next Generation Science Standards’ and the Life Sciences. Sci. Child. 50, 7–14 (2013).
8. Chester, A. et al. The Health Sciences and Technology Academy (HSTA): Providing 26 years of Academic and
Social Support to Appalachian Youth in West Virginia. J. STEM Outreach 3, 1–14 (2020).
9. Provasnik, S. et al. Status of Education in Rural America. (U.S. Department of Education, National Center for
Education Statistics, Institute of Education Sciences, 2007).
10. Avery, L. M. Rural Science Education: Valuing Local Knowledge. Theory Pract. 52, 28–35 (2013).
11. Stelmach, B. L. A Synthesis of International Rural Education Issues and Responses. Rural Educ. 32, (2018).
12. Arnold, M. L., Biscoe, B., Farmer, T. W., Robertson, D. L. & Shapley, K. L. How the government defines rural
has implications for education policies and practices. 21 (2007).
13. Ma, X. & Wilkins, J. L. M. The Development of Science Achievement in Middle and High Schoolr: Individual
Differences and School Effects. Eval. Rev. 26, 395–417 (2002).
14. Seraphin, K. D., Philippoff, J., Parisky, A., Degnan, K. & Warren, D. P. Teaching Energy Science as Inquiry:
Reflections on Professional Development as a Tool to Build Inquiry Teaching Skills for Middle and High School
Teachers. J. Sci. Educ. Technol. 22, 235–251 (2013).
15. Sahin, A., Ekmekci, A. & Waxman, H. C. The relationships among high school STEM learning experiences,
expectations, and mathematics and science efficacy and the likelihood of majoring in STEM in college. Int. J.
Sci. Educ. 39, 1549–1572 (2017).
16. Wong, K. & Day, J. A Comparative Study of Problem-Based and Lecture-Based Learning in Junior Secondary
School Science. Res Sci Educ 39, 625–642.
17. Otte, G. ONLINE LEARNING: NEW MODELS FOR LEADERSHIP AND ORGANIZATION IN HIGHER
EDUCATION. Online Learn. 10, (2019).
18. ZFIN. Educational Resources. https://zfin.org/zf_info/news/education.html (2020).
19. Ali, T. et al. LOOKING BACK, LOOKING FORWARD: What it will take to permanently close the K–12 digital
divide? (2021).
20. Shuda, J. R., Butler, V. G., Vary, R. & Farber, S. A. Project BioEYES: Accessible Student-Driven Science for
K–12 Students and Teachers. PLOS Biol. 14, e2000520 (2016).
21. Wilk, R., Ali, N., England, S. J. & Lewis, K. E. Using Zebrafish to Bring Hands-On Laboratory Experiences to
Urban Classrooms. Zebrafish 15, 156–178 (2018).
22. Pierret, C. et al. Improvement in student science proficiency through InSciEd out. Zebrafish 9, 155–168 (2012).
23. Schaefer, J. & Farber, S. A. Breaking Down the Stereotypes of Science by Recruiting Young Scientists. PLOS
Biol. 2, e279 (2004).
24. Leshner, A. I. Outreach Training Needed. Science 315, 161–161 (2007).
25. Kardash, C. M. Evaluation of an undergraduate research experience: Perceptions of undergraduate interns and
their faculty mentors. J. Educ. Psychol. 191–201 (2000).
26. Freeman, S. et al. Active learning increases student performance in science, engineering, and mathematics. Proc.
Natl. Acad. Sci. U. S. A. 111, 8410–8415 (2014).
27. Lai, C.-S. Using Inquiry-Based Strategies for Enhancing Students’ STEM Education Learning. J. Educ. Sci.
Environ. Health 4, 110–117 (2018).

147

Figure 1. Pipeline for continued growth of Fish in a Dish in West Virginia stemming from
our science-education partnership with HSTA. Figure represents how Fish in a Dish can grow
beyond HSTA, and how our current and future growth is similar yet unique from previously
published frameworks for producing science outreach programs (Shuda et al. 2016). Text that is
bolded and underlined represents areas were HSTA and Fish in a Dish are unique from each
other and the published framework they are aligned to.
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APPENDIX A
Full list of Gsx1 and Gsx2 enhancer sequences across all scanned putative target genes
Gene symbols highlighted with a color are genes that only have enhancers for Gsx1 (blue), Gsx2 (yellow) or
only have double enhancers (green). Gene symbols shaded grey have no enhancer sites. Bolded genes are
homeobox transcription factor-encoding genes. Genes with an asterisk (*) were previously selected as
putative target genes by our lab prior to analyzing other single-cell datasets. Genes with a (200) code
following the symbol indicates the transcript variant that was scanned on Ensembl. If no code is listed, the
201 variant was scanned by default.

Gene symbol
abcc9
abi2a (201)
abi2b
alg13
arid1b
arxa*
arxb
ascl1a*
ascl1b*
astn2
asxl1
atoh1a*
atoh1b
atoh8
atp1b4
atrx
auts2a
auts2b*
bcl11ba (ctip2)
(205)
bhlhe40
braf
cacna1ba
cacna1bb
cadps2
capn15
casz1
cat
ccka
cdh10a
cdh11
cdh13
cep112
chd4a
chd4b

Gsx1
enhancers
3

Gsx2
enhancers
1

Gsx1/2
enhancers
0

5

10

1

1
1
0
4
1
1
2
0
1
0
0
3
1
4

1
2
7
6
7
3
4
5
1
5
6
6
5
1

0
0
0
0
0
0
1
0
0
0
0
0
0
0

5

3

0

3

2

0

b cell cll/lymphoma 11ba

3

6

1

basic helix-loop-helix family, member e40
b-raf proto-oncogene, serine/threonine kinase
calcium channel, voltage-dependent, N type, alpha 1B
subunit, a
calcium channel, voltage-dependent, N type, alpha 1B
subunit, b
Ca++-dependent secretion activator 2
calpain 15
castor zinc finger 1
catalase
cholecystokinin a
cadherin 10, type 2a
cadherin 11, type 2, ob-cadherin
cadherin 13, h-cadherin
centrosomal protein 112
chromodomain helicase DNA binding protein 4a
chromodomain helicase DNA binding protein 4b

2
2

2
3

0
1

2

3

0

2

0

0

1
2
1
3
2
0
0
2
1
2
1

4
2
2
4
4
5
4
3
6
5
2

2
0
0
1
1
0
0
0
0
1
0

Gene name
atp-binding cassette, sub-family c, member 9
abl-interactor 2a
abl-interactor 2b
alg13 udp-n-acetylglucosaminyltransferase subunit
at rich interactive domain 1b
aristaless related homeobox a
aristaless related homeobox b
achaete-scute family bhlh transcription factor 1a
achaete-scute family bhlh transcription factor 1b
astrotactin 2
asxl transcriptional regulator 1
atonal bhlh transcription factor 1a
atonal bhlh transcription factor 1b
atonal bhlh transcription factor 8
atpase na+/k+ transporting subunit beta 4
atrx chromatin remodeler
activator of transcription and developmental regulator
auts2 a
activator of transcription and developmental regulator
auts2 b
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chd7
chd8
chrm4a
chrnb2
cltca
cmklr1
cntnap2a
cntnap2b
comta
comtb
cp
crebbpa
crebbpb
ctcf
ctnnb1
ctnnd2a
ctnnd2b
ctsla
ctslb
cux1a (201)
cux1a (202)
cux1b (201)
cux1b (202)
cux2b (201)
cux2b (202)
cux2b (203)
cx43
cygb1
cyp26b1
cyp26c1
dbx1a*
dbx1b*
dct
dgcr8
disc1
dla
dld
dlg4a
(psd95/sap90)
dlg4b
(psd95/sap90)
dlx1a
dlx2a*
dlx2b
dlx3b*
dlx4a
dlx4b
dlx5a*
dlx6a
dmrt3
dmrt5 (dmrta2)
egfl6
egr2b
ehmt1
eif4ea
eif4eb
elavl3 (201)

chromodomain helicase dna binding protein 7
chromodomain helicase dna binding protein 8
cholinergic receptor, muscarinic 4a
cholinergic receptor, nicotinic, beta 2
clathrin, heavy chain a
chemokine-like receptor 1
contactin associated protein 2a
contactin associated protein 2b
catechol-O-methyltransferase a
catechol-O-methyltransferase b
ceruloplasmin
creb binding protein a
creb binding protein b
ccctc-binding factor
catenin beta 1
catenin delta 2a
catenin delta 2b
cathepsin La
cathepsin Lb
cut-like homeobox 1a
cut-like homeobox 1a
cut-like homeobox 1b
cut-like homeobox 1b
cut-like homeobox 2b
cut-like homeobox 2b
cut-like homeobox 2b
connexin 43
cytoglobin 1
cytochrome p450, family 26, subfamily b, polypeptide 1
cytochrome p450, family 26, subfamily c, polypeptide 1
developing brain homeobox 1a
developing brain homeobox 1b
dopachrome tautomerase
dgcr8 microprocessor complex subunit
DISC1 scaffold protein
deltaa
deltad

1
2
3
0
0
0
2
2
1
5
1
4
3
1
1
2
3
3
4
1
0
0
0
1
3
2
0
2
2
2
2
2
1
2
4
0
1

2
0
7
6
2
5
3
2
3
1
3
2
0
4
5
2
2
2
1
3
2
1
3
5
1
1
1
2
1
5
4
0
9
1
1
0
6

1
0
0
1
0
0
0
0
0
0
0
0
1
0
1
0
0
0
0
0
0
1
0
0
1
1
3
0
0
0
0
0
0
0
0
0
0

discs, large homolog 4a

1

5

1

discs, large homolog 4b

1

2

0

distal-less homeobox 1a
distal-less homeobox 2a
distal-less homeobox 2b
distal-less homeobox 3b
distal-less homeobox 4a
distal-less homeobox 4b
distal-less homeobox 5a
distal-less homeobox 6a
doublesex and mab-3 related gene
doublesex and mab-3 related gene
egf-like-domain, multiple 6
early growth response 2b
sh3 and multiple ankyrin repeat domains 3a
eukaryotic translation initiation factor 4ea
eukaryotic translation initiation factor 4eb

1
0
3
2
2
0
1
0
5
3
2
1
2
1
1

3
4
2
1
4
3
3
3
2
2
2
6
3
2
3

0
0
1
0
0
0
0
0
0
2
0
0
1
0
0

1

2

1

1

1

0

elav like neuron-specific rna binding protein 3

elavl3 (202)
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elavl4
elovl4b
emx1
emx2
emx3
eng2a (en2a)
eng2b (en2b)*
eomesa
(tbr2a) (201)
eomesa
(tbr2a) (202)
eomesb
(tbr2b)
epor
ext1a
ext1b
ezh2
fabp7a
fezf1
fezf2*
fgf8a
fgfr2
fgfr3
fhit
fmr1
foxd1
foxg1a*
foxg1b
foxg1c
foxg1d
foxp2 (201)
foxp2 (204)
gabrb3
gad1a
gad1b
gad2
gadd45gb.1
gas1a
gas1b*
gbx1
gdnfa
gdnfb
gfap
gh1
ghrh
golgb1
gphna
gphnb
grem1a
grem1b
gria1a
grid1b
grm5a
gsx1
gsx2

elav like neuron-specific rna binding protein 3
elav like neuron-specific rna binding protein 4

2

2

0

2

3

0

1
1
3
3
1

1
2
6
4
3

0
1
0
0
0

eomesodermin homolog a

2

4

1

eomesodermin homolog a

2

4

1

eomesodermin homolog b

2

0

0

erythropoietin receptor
exostosin glycosyltransferase 1a
exostosin glycosyltransferase 1b
enhancer of zeste 2 polycomb repressive complex 2
subunit
fatty acid binding protein 7, brain, a
FEZ family zinc finger 1
fez family zinc finger 2
fibroblast growth factor 8a
fibroblast growth factor receptor 2
fibroblast growth factor receptor 3
fragile histidine triad diadenosine triphosphatase
fmrp translational regulator 1
forkhead box D1
forkhead box g1a
forkhead box g1b
forkhead box g1c
forkhead box g1d
forkhead box p2
forkhead box p2
gamma-aminobutyric acid type a receptor subunit beta3
glutamate decarboxylase 1a
glutamate decarboxylase 1b

2
0
0

1
1
1

1
0
0

1

2

0

1
1
3
2
2
1
0
5
1
1
2
1
1
2
2
3
0
0

6
3
1
5
3
4
2
0
5
2
0
3
3
3
0
5
2
4

0
1
0
0
0
0
1
0
0
0
0
0
0
1
1
0
0
0

1

2

0

1

3

0

2
1
4
2
2
3
1
0
1
2
1
3
2
2
3
1
0
0

1
5
3
2
0
1
1
2
1
4
2
1
2
3
3
2
4
0

0
1
0
0
0
0
0
0
0
2
0
0
0
0
0
1
1
0

elovl fatty acid elongase 4b
empty spiracles homeobox 1
empty spiracles homeobox 2
empty spiracles homeobox 3
engrailed homeobox 2a
engrailed homeobox 2b

glutamate decarboxylase 2
growth arrest and DNA-damage-inducible, gamma b,
tandem duplicate 1
growth arrest-specific 1a
growth arrest-specific 1b
gastrulation brain homeobox 1
glial cell derived neurotrophic factor a
glial cell derived neurotrophic factor b
glial fibrillary acidic protein
growth hormone 1
growth hormone releasing hormone
golgin B1
gephyrin a
gephyrin b
gremlin 1a, DAN family BMP antagonist
gremlin 1b, DAN family BMP antagonist
glutamate receptor, ionotropic, ampa 1a
glutamate receptor, ionotropic, delta 1b
glutamate receptor, metabotropic 5a
genomic screen homeobox 1
genomic screen homeobox 2
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hecw2a
hecw2b
helt
her12
her15.1
her15.2
her2*
her4.1
her8a
hmx3a
hoxa2b
hoxb2a
hoxb3a
hoxc3a
hoxd4a
hrasa
hrasb
hs3st1l2
huwe1
isl1a
islr2
kansl1a
kansl1b
kcnq3
kctd4
kmt2d (mll2)
lbx1b
lhb
lhx2a
lhx2a (203)
lhx2b
lhx5
lhx6
lmo1
lrig1
lrrn1
m17 (il-6)
map2k1
mapk3
masp1
mcl1a
mcl1b
mecp2
med12
mef2ca
met
mir9/dre-mir-91
mir9/dre-mir-92
mir9/dre-mir-93
mir9/dre-mir-94
mir9/dre-mir-9-

HECT, C2 and WW domain containing E3 ubiquitin protein
ligase 2a
HECT, C2 and WW domain containing E3 ubiquitin protein
ligase 2b
helt bhlh transcription factor
hairy-related 12
hairy-related 15.1
hairy-related 15.2
hairy-related 2
hairy-related 4.1
hairy-related 8a
h6 family homeobox 3a
homeobox a2b
homeobox b2a
homeobox b3a
homeobox c3a
homeobox d4a
hras proto-oncogene, gtpase a
hras proto-oncogene, gtpase b
heparan sulfate 3-o-sulfotransferase 1-like 2
ECT, UBA and WWE domain containing E3 ubiquitin
protein ligase 1
isl lim homeobox 1a
immunoglobulin superfamily containing leucine-rich repeat
2
KAT8 regulatory NSL complex subunit 1a
KAT8 regulatory NSL complex subunit 1b
potassium voltage-gated channel, kqt-like subfamily,
member 3
potassium channel tetramerization domain containing 4
lysine (k)-specific methyltransferase 2d
ladybird homeobox 1b
luteinizing hormone subunit beta
lim homeobox 2a
lim homeobox 2a
lim homeobox 2b
lim homeobox 5
lim homeobox 6
lim domain only 1
leucine-rich repeats and immunoglobulin-like domains 1
leucine rich repeat neuronal 1
il-6 subfamily cytokine m17
mitogen-activated protein kinase kinase 1
mitogen-activated protein kinase 3
mannan-binding lectin serine peptidase 1
MCL1 apoptosis regulator, BCL2 family member a
MCL1 apoptosis regulator, BCL2 family member b
methyl cpg binding protein 2
mediator complex subunit 12
myocyte enhancer factor 2ca
MET proto-oncogene, receptor tyrosine kinase

0

3

1

2

3

2

3
0
1
1
1
0
3
2
1
2
1
2
1
1
8
1

3
2
2
2
2
3
3
5
4
4
3
2
2
2
0
5

0
0
0
0
0
0
0
0
0
0
0
1
0
0
1
0

2

1

2

2

2

0

1

3

0

1
1

1
2

0
0

1

1

0

0
0
5
2
3
3
5
2
1
2
2
1
0
0
1
2
0
1
0
1
3
2

2
3
1
2
3
3
1
6
6
6
5
6
2
3
2
1
0
2
0
2
2
3

1
0
0
1
0
0
1
1
0
0
0
0
0
0
0
0
0
0
1
0
0
0

microrna 9-1

1

6

0

microrna 9-2

1

2

0

microrna 9-3

2

2

0

microrna 9-4

0

0

0

microrna 9-5

3

1

0
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5
mir9/dre-mir-96
mir9/dre-mir-97
mitfa
mpz
msx3
mycn
myh9a
myh9b
nbeaa
nbeab
nde1
nexmifa
(kiaa2022)
nexmifb
(kiaa2022)
nf1a
nf1b
nkx2.1*
nkx2.2a
nkx2.2b
nkx2.4a
nkx2.4b
nkx2.9
nlgn1
nlgn3a
nlgn3b
nlgn4a
nog2
noto
npy
nr2e1
nr2f1a
nr5a1a
nrcama
nrgna
nrp2a
nrp2b
nrxn1a
nrxn1b
nrxn2a
nrxn2b
nrxn3a
nrxn3b
nsd1a
nsd1b
ntn1b
olig2*
olig3
olig4
oprd1b
otpa
otx1*
otx1 (202)
otx2a
p2rx7
pafah1b1a

microrna 9-6

1

1

0

microrna 9-7

1

1

1

melanocyte inducing transcription factor a
myelin protein zero
muscle segment homeobox 3
mycn proto-oncogene, bhlh transcription factor
myosin, heavy chain 9a, non-muscle
myosin, heavy chain 9b, non-muscle
Neurobeachin a
Neurobeachin b
nude neurodevelopment protein 1

3
1
2
1
1
1
0
3
1

3
6
2
3
3
1
5
1
1

0
0
0
0
0
0
0
1
0

neurite extension and migration factor a

3

1

0

neurite extension and migration factor b

5

2

0

neurofibromin 1a
neurofibromin 1b
nk2 homeobox 1
nk2 homeobox 2a
nk2 homeobox 2b
nk2 homeobox 4a
nk2 homeobox 4b
nk2 homeobox 9
neuroligin 1
neuroligin 3a
neuroligin 3b
neuroligin 4a
noggin 2
notochord homeobox
neuropeptide y
nuclear receptor subfamily 2, group e, member 1
nuclear receptor subfamily 2, group f, member 1a
nuclear receptor subfamily 5, group A, member 1a
neuronal cell adhesion molecule a
neurogranin a
neuropilin 2a
neuropilin 2b
neurexin 1a
neurexin 1b
neurexin 2a
neurexin 2b
neurexin 3a
neurexin 3b
nuclear receptor binding SET domain protein 1a
nuclear receptor binding SET domain protein 1b
netrin 1b
oligodendrocyte transcription factor 2
oligodendrocyte transcription factor 3
oligodendrocyte transcription factor 4
opioid receptor, delta 1b
orthopedia homeobox a
orthodenticle homeobox 1
orthodenticle homeobox 1
orthodenticle homeobox 2a
purinergic receptor p2x, ligand-gated ion channel, 7
platelet-activating factor acetylhydrolase 1b, regulatory

1
2
2
3
3
0
5
1
2
1
1
2
3
1
0
1
1
0
3
2
1
1
3
0
2
3
3
2
0
3
4
2
3
2
2
3
1
0
1
2
1

3
3
3
3
3
6
4
4
2
1
6
2
2
3
4
1
0
1
5
1
6
5
3
1
2
1
4
1
0
2
0
2
4
1
2
5
4
2
5
3
1

0
0
0
1
0
0
0
0
0
1
0
1
0
0
0
1
0
0
0
0
0
1
1
2
1
1
0
1
1
0
0
2
0
0
0
0
0
0
1
0
1
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(lis1b)
pafah1b1b
(lis1a)
papolg
pappa2
pax3a
pax6a*
pax7a
pax7b
pcdh10a
pcdh10b
pdxdc1
penka
penkb
phf21a
phox2bb
pik3c3
plcxd3
plp1a*
plp1b
pmela
pogza
pogzb
pou3f1
(scip/oct6)
pou3f3a
pou3f3b
pou5f3
(scip/oct4)
ppm1da
ppm1db
ppp1r1c
prkcbb
prl
prox1a
prox1b
(prox3)
prss35
ptena
ptenb
ptpn11a
ptpn11b
rai1
rapgef4
ret
rfwd2 (cop1)
rgs5b
rnd2
rorb
rspo3
rx3
satb2 (202)
scn1laa
scn1lab
scn2b
scn3b
setbp1
sf3b1

subunit 1a
platelet-activating factor acetylhydrolase 1b, regulatory
subunit 1b
poly(A) polymerase gamma
pappalysin 2
paired box 3a
paired box 6a
paired box 7a
paired box 7b
protocadherin 10a
protocadherin 10b
pyridoxal-dependent decarboxylase domain containing 1
proenkephalin a
proenkephalin b
PHD finger protein 21Ab
paired like homeobox 2bb
phosphatidylinositol 3-kinase, catalytic subunit type 3
phosphatidylinositol-specific phospholipase c, x domain
containing 3
proteolipid protein 1a
proteolipid protein 1b
premelanosome protein a
pogo transposable element derived with znf domain a
pogo transposable element derived with znf domain b

3

2

0

3
2
1
2
3
2
2
7
2
5
3
2
1
1

1
5
12
3
7
5
0
3
2
5
7
2
6
3

0
1
0
0
0
0
0
0
0
0
0
1
1
0

2

4

0

1
1
0
2
1

3
1
0
2
2

0
0
0
0
0

pou class 3 homeobox 1

1

2

0

POU class 3 homeobox 3a
POU class 3 homeobox 3b

3
0

2
5

0
0

pou domain, class 5, transcription factor 3

2

4

0

protein phosphatase, Mg2+/Mn2+ dependent, 1Da
protein phosphatase, Mg2+/Mn2+ dependent, 1Db
protein phosphatase 1 regulatory inhibitor subunit 1c
protein kinase c, beta b
prolactin
prospero homeobox 1a

1
3
3
0
5
2

1
4
7
0
5
3

0
0
0
0
1
0

prospero homeobox 1b

2

4

0

serine protease 35
phosphatase and tensin homolog a
phosphatase and tensin homolog b
protein tyrosine phosphatase non-receptor type 11a
protein tyrosine phosphatase non-receptor type 11b
retinoic acid induced 1
Rap guanine nucleotide exchange factor 4a
ret proto-oncogene receptor tyrosine kinase
COP1 E3 ubiquitin ligase
regulator of g protein signaling 5b
rho family gtpase 2
rar-related orphan receptor b
r-spondin 3
retinal homeobox gene 3
satb homeobox 2
sodium channel, voltage-gated, type i-like, alpha, a
sodium channel, voltage-gated, type i-like, alpha, b
sodium channel, voltage-gated, type ii, beta
sodium channel, voltage-gated, type iii, beta
set binding protein 1
splicing factor 3b, subunit 1

3
1
0
0
2
1
1
2
1
0
0
0
2
1
4
0
1
2
5
0
2

4
2
6
5
2
8
6
4
6
7
4
2
1
2
2
1
2
3
1
1
0

1
0
1
0
0
2
0
0
0
0
0
0
0
0
0
0
0
0
0
1
0
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shank1
shank2a
shank2b
shank3b
she
sin3aa
sin3ab
six3a*
six3b*
slc18a2
(vmat2)
slc1a3a
slc32a1
slc45a2
slc6a3 (dat1)
slc6a4a
slc6a4b
smarca4a
smc1a
smtla
smtlb
snap25b
sox11a
sox11b
sox12
sox19a
sox1b
sox21a
sox4a
sox4b
sox5 (202)
sstr5
stra6
stxbp1a
stxbp1b
sumf1
suv420h1
(kmt5b)
syn1
syn2a
syn2b
syngap1a
syngap1b
tac1*
taok2a
taok2b
tbr1a
tbr1b
tbx1
tfec
th (th1)
tnfa
tnfb
trioa
triob
trpm1b
tsc1a

sh3 and multiple ankyrin repeat domains 1
sh3 and multiple ankyrin repeat domains 2b
sh3 and multiple ankyrin repeat domains 2a
sh3 and multiple ankyrin repeat domains 3b
src homology 2 domain containing e
SIN3 transcription regulator family member Aa
SIN3 transcription regulator family member Ab
six homeobox 3a
six homeobox 3b

0
0
1
2
2
5
0
4
2

1
1
0
0
7
2
2
5
4

1
0
0
0
0
0
1
0
0

solute carrier family 18 member 2

1

3

0

solute carrier family 1 member 3a
solute carrier family 32 member 1
solute carrier family 45 member 2
solute carrier family 6 member 3
solute carrier family 6 member 4a
solute carrier family 6 member 4b
swi/snf related, matrix associated, actin dependent
regulator of chromatin, subfamily a, member 4a
structural maintenance of chromosomes 1A
somatolactin alpha
somatolactin beta
synaptosome associated protein 25b
SRY-box transcription factor 11a
SRY-box transcription factor 11b
SRY-box transcription factor 12
SRY-box transcription factor 19a
SRY-box transcription factor 1b
SRY-box transcription factor 21a
SRY-box transcription factor 4a
SRY-box transcription factor 4b
SRY-box transcription factor 5
somatostatin receptor 5
stimulated by retinoic acid 6
syntaxin binding protein 1a
syntaxin binding protein 1b
sulfatase modifying factor 1

1
2
4
5
2
2

1
5
4
1
5
7

0
0
0
1
0
1

1

5

1

4
2
2
2
2
2
1
0
2
3
2
2
3
1
1
0
2
2

2
2
6
7
4
1
2
2
3
10
2
1
0
5
6
3
3
2

0
1
0
1
0
0
0
2
0
0
0
0
1
0
0
0
0
0

lysine methyltransferase 5B

1

5

0

synapsin i
synapsin iia
synapsin iib
synaptic ras gtpase activating protein 1a
synaptic ras gtpase activating protein 1b
tachykinin precursor 1
tao kinase 2a
tao kinase 2b
t-box, brain, 1a
t-box, brain, 1b
T-box transcription factor 1
transcription factor ec
tyrosine hydroxylase
tumor necrosis factor a
tumor necrosis factor b
trio rho guanine nucleotide exchange factor a
trio rho guanine nucleotide exchange factor b
transient receptor potential cation channel, subfamily m,
member 1b
tsc complex subunit 1a

1
0
1
0
1
1
4
4
3
0
1
1
6
1
2
1
1

2
3
0
2
0
5
2
2
0
3
7
5
1
5
0
2
3

0
0
0
0
0
0
0
0
0
0
0
0
0
0
1
0
0

0

6

0

2

4

0
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tsc1b
tsc2
ube3a
ube3b
vax1*
vip
wdfy3
wdfy4
wdr1
wdr45
whsc1 (nsd2)
wnt2
wnt7ba
ywhag
zic1
zic3
zic4
Total scanned
= 372

tsc complex subunit 1b
TSC complex subunit 2
ubiquitin protein ligase e3a
ubiquitin protein ligase e3b
ventral anterior homeobox 1
vasoactive intestinal peptide
wd repeat and fyve domain containing 3
WDFY family member 4
WD repeat domain 1
WD repeat domain 45
nuclear receptor binding SET domain protein 2
wingless-type mmtv integration site family member 2
wingless-type mmtv integration site family, member 7ba
3-monooxygenase/tryptophan 5-monooxygenase
activation protein, gamma polypeptide 1
zic family member 1
zic family member 3
zic family member 4

1
0
4
3
2
0
2
2
0
2
0
1
2

2
3
4
3
7
3
2
2
2
4
3
2
4

3
0
1
1
0
0
0
0
0
1
0
0
0

3

0

0

1
2
1

3
1
6

0
0
0

Gsx1

Gsx2

Gsx1/2

Total # of appearances for each enhancer

631

1084

94

Total # of genes without a given enhancer

65

30

291

# of genes with ONLY Gsx1 enhancers
# of genes with ONLY Gsx2 enhancers
# of genes with ONLY Gsx1/2 enhancers
# of genes with NO enhancers

17
44
2
6
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APPENDIX B
Full list of outreach initiatives in West Virginia
Counties highlighted yellow had no identifiable outreach initiatives.

County name
Barbour

# K-12
students
(2020-21)
2,037

Rural /
urban
Rural

# STEM
outreach
initiatives
1

STEM outreach initiative
name
HSTA
Born Learning Academy

Berkeley

Boone
Braxton
Brooke

18,491

3,234
1,655
2,471

Urban

Urban
Rural
Urban

3

1
1
0

HSTA
WV National Guard
STARBASE
HSTA
HSTA

Born Learning Academy
Exploring Engineering:
Academy of Excellence
First 2 Network
Governor’s School

Cabell

11,240

Urban

13

HSTA
June Harless Center for
Rural Educational
Research and Development
Marshall University Early
Education STEM Center
Office Of Continuing
Education
Shewey Science Academy
Summer Science
Adventures
West Virginia Alliance for
STEM and the Arts
West Virginia SPOT

Calhoun
Clay

842
1,651

Rural
Urban

1
0

Doddridge

1,036

Rural

1

Fayette

5,413

Rural

2

Gilmer
Grant

740
1,491

Rural
Rural

0
0

WV Science Adventures
Camp
HSTA
West Virginia University
Extension Office 4-H Youth
Development
HSTA
Summit Bechtel Family
National Scout Reserve
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Broader
organization

Location (City)

WVU/HSTA
Education Alliance
WV/Tuscarora
Elementary
School
WVU/HSTA

Multiple

DOD

Martinsburg

WVU/HSTA
WVU/HSTA

Multiple
Multiple

Education Alliance
WV/Meadows
Elementary
School
Marshall
University
Marshall
University
Marshall
University
WVU/HSTA
Marshall
University
Marshall
University
Marshall
University
Marshall
University
Marshall
University
Marshall
University
Marshall
University
Marshall
University
WVU/HSTA

Martinsburg
Multiple

Huntington
Huntington
Huntington
Huntington
Multiple
Huntington
Huntington
Huntington
Huntington
Huntington
Huntington
Huntington
Huntington
Multiple

WVU (extension)

West Union

WVU/HSTA
Boy Scouts of
America

Multiple
Glen Jean

Camp Waldo
Greenbrier

4,444

Rural

3

Hampshire

2,760

Urban

1

Hancock
Hardy
Harrison

3,583
2,104
9,547

Urban
Rural
Rural

0
0
0

Jackson

4,065

Rural

1

Jefferson

8,268

Urban

2

First 2 Network
HSTA
Burgundy Center for
Wildlife Studies

Wilderness Christian Camp
HSTA
West Virginia SPOT
Avampato Discovery
Museum
BridgeValley and Advanced
Technology Center PreCollege Outreach team
Center for the advancement
of STEM
Coal River Science &
Education Center
Environmental Science
Summer Day Camp for
Teens
First 2 Network
First 2 Network

Kanawha

23,540

Urban

16

HSTA
Mad Science of West
Virginia
National Youth Science
Center Summer Camp
STEM Scholars Academy
West Virginia Higher
Education Policy
Commission
West Virginia Science &
Research Corp.
West Virginia SPOT
West Virginia Statewide
Afterschool Network
Worldwide Water Network
STEM Camp

Lewis

2,355

Rural

2

Central Appalachian
Astronomy Club
STEMCARE

Lincoln

2,951

Urban

2

Energize STEM
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Appalachian
Headwaters
West Virginia
School of
Osteopathic
Medicine
WVU/HSTA
Burgundy Center
for Wildlife Studies

Wilderness
Christian Camp
WVU/HSTA
Shepherd
University
Clay Center
Bridge Valley
Community and
Technical College
West Virginia
State University
Coal River
Watershed
West Virginia
State University
University of
Charleston
West Virginia
State University
WVU/HSTA
The Connectory
National Youth
Science
Foundation
West Virginia
State University
Higher Education
Policy
Commission
Higher Education
Policy
Commission
West Virginia
State University

Lewisburg
Lewisburg
Multiple
Capon Bridges

Gay
Multiple
Shepherdstown
Charleston
Charleston
Institute
Tornado
Institute
Charleston
Institute
Charleston
Charleston
Charleston
Institute
Charleston
Charleston
Institute

WVU Extension

Charleston

WV DEP

Institute

Central
Appalachian
Astronomy Club
WVU Jackson’s
Mill
Education Alliance
WV/Lincoln
County Schools

Jane Lew
Weston
Multiple

HSTA
Energize STEM
Logan

5,001

Rural

3

HSTA
Logan STEAM

Marion

7,205

Rural

1

Marshall

4,102

Urban

2

Mason
McDowell

3,624
2,524

Rural
Rural

0
1

Mercer

8,096

Rural

2

Mineral

3,739

Urban

0

HSTA
Challenger Learning Center
HSTA
HSTA
D2L2 program
HSTA

Mingo

3,621

Rural

2

HSTA
Marshall University Early
Education STEM Center
(extension)
Adventure Education
Center
AOE's Junior Academy
Assoc. for Women
Engineers, Scientists, or
Mathematicians
Empowerment
(AWESOME)
Born Learning Academy

Monongalia

10,492

Urban

37

Center for Excellence in
STEM Education
Code Camp
CodeWV
College of Science and
Technology Outreach
First 2 Network
First 2 Network
Fish In A Dish
Forensic Science Summer
Camp
Governor’s School
HSTA
K-12 STEM Education
Initiative
MARS (Mountaineer Area
Robotics)
NASA Katherine Johnson
IV&V Facility
NASA West Virginia Space
Grant Consortium
NASA West Virginia Space
Grant Consortium / NASA
EPSCoR
National Energy
Technology Laboratory
(NETL)
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WVU/HSTA
Education Alliance
WV/Logan County
Schools
WVU/HSTA
Logan County
Schools
WVU/HSTA
Wheeling Jesuit
University
WVU/HSTA

Multiple

WVU/HSTA
Bluefield State
College
WVU/HSTA

Multiple

WVU/HSTA
Marshall
University
(extension)

Multiple

WVU

Morgantown

WVU

Morgantown

WVU

Morgantown

Education Alliance
WV/Mylan Park
Elementary
School

Morgantown

WVU

Morgantown

WVU
WVU

Virtual
Morgantown

Fairmont State

Fairmont

WVU
Fairmont State
WVU

Morgantown
Fairmont
Morgantown

WVU

Morgantown

WVU
WVU

Morgantown
Morgantown

WVU

Morgantown

NASA/Rotary Club
of Cheat Lake

Morgantown

Fairmont State

Fairmont

WVU

Morgantown

WVU

Morgantown

WVU

Morgantown

Multiple
Multiple
Multiple
Multiple
Wheeling
Multiple

Bluefield
Multiple

Gilbert

Natural Resource Center
PBS A Science Odyssey
Perry Outreach Program
PROJECT LEAD THE WAY
Robert C Byrd National
Aerospace Education
Center
Science Adventure School
Spark! Imagination and
Science Center
Stater College of
Engineering K-12 Outreach
STEM Camp
STEM Innovation Center
University Forest
West Virginia Aerospace
and Engineering Scholars
West Virginia Clinical and
Translational Science
Institute
West Virginia SPOT
West Virginia SPOT
WV Youth Science
Camp/Youth Science
Discovery Experience
WVUteach
Monroe
Morgan
Nicholas

1,547
2,093
3,285

Rural
Urban
Rural

0
1
0

HSTA
Challenger Learning Center

Ohio

4,781

Urban

6

Creative Learning Spaces
Project
HSTA
Oglebay Institute's
Schrader Environmental
Education Center
SMART Center
STEM Outreach club
Born Learning Academy

Pendleton

813

Rural

4

Mountain Stewards
Summer Camp
Spruce Knob Mountain
Center
The Mountain Institute

Pleasants

992

Urban

First 2 Network
901

Rural

Morgantown
Morgantown
Morgantown
Morgantown

WVU

Morgantown

WVU
Fairmont State
WVU

Morgantown
Fairmont
Morgantown

Fairmont State

Fairmont

WVU

Morgantown

WVU
Fairmont State

Morgantown
Fairmont

WVU

Morgantown

WVU

Morgantown

WVU/HSTA

Multiple

Wheeling Jesuit
University
West Liberty
University
WVU/HSTA

Bridgeport
Morgantown
Morgantown

Wheeling
West Liberty
Multiple

Oglebay Institute

Wheeling

SMART Center
West Liberty
University
Education Alliance
WV
Experience
Learning Inc.
WV Tourism
Office
Appalachian
Program

Wheeling
West Liberty
Franklin
Circleville
Circleville
Circleville

0
First 2 Network

Pocahontas

WVU
PBS
The Perry Initiative
WVU
Fairmont
State/Pierpont
Tech College
WVU
Spark! Imagination
and Science
Center

5
Green Bank Observatory
PING Summer Camp
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High Rocks
Academy
Green Bank
Observatory
Associated
Universities,
Inc/National
Science
Foundation
Green Bank

Hillsboro
Green Bank

Green Bank
Green Bank

West Virginia Alliance for
STEM and the Arts
After School Explorers
After School Explorers
After School Explorers
After School Explorers
Preston

4,002

Urban

9

After School Explorers
After School Explorers
After School Explorers
After School Explorers
HSTA

Putnam

8,775

Urban

College of Engineering and
Sciences K-12 Education
Elementary Engineering
Challenge Camp
First 2 Network
10,360

Rural

9

HSTA
STEM Summer Academy
for Girls
Summit Bechtel Family
National Scout Reserve
Tomorrow is Mine Camp
West Virginia SPOT

Randolph
Ritchie

3,604
1,221

Rural
Rural

Roane

1,844

Rural

2

Summers

1,305

Rural

1

Taylor

2,190

Rural

1

878

Rural

Kingwood
Aurora
Bruceton
Terra Alta East
Preston
Valley
South Preston
Rowlesburg
Fellowsville
Multiple

West Virginia
University Institute
of Technology
West Virginia
University Institute
of Technology
West Virginia
University Institute
of Technology
West Virginia
University Institute
of Technology
WVU/HSTA
West Virginia
University Institute
of Technology
Boy Scounts of
America
West Virginia
University Institute
of Technology
West Virginia
University Institute
of Technology

Beckley
Beckley
Beckley
Beckley
Multiple
Beckley
Glen Jean
Beckley
Beckley

0
0
HSTA

Tucker

Green Bank

0
Camp STEM

Raleigh

Observatory
Green Bank
Observatory
Preston County
Schools
Preston County
Schools
Preston County
Schools
Preston County
Schools
Preston County
Schools
Preston County
Schools
Preston County
Schools
Preston County
Schools
WVU/HSTA

3

Spring Heights Education
Center Summer Camp
Camp Brookside
Environmental Education
Center
HSTA
Canaan Valley Institute
Ecological Center
HSTA
National Youth Science
Center Summer Camp
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WVU/HSTA
Spring Heights
Camp and Retreat
Center

Multiple

NPS

Brooks

WVU/HSTA
Canaan Valley
Institute
WVU/HSTA
National Youth
Science
Foundation

Multiple

Spencer

Davis
Multiple
Davis

Tyler
Upshur

1,125
3,487

Rural
Rural

0
2

Wesleyan Summer Gifted
Program
West Virginia SPOT

Wayne

6,060

Urban

1

Webster

1,134

Rural

2

Wetzel
Wirt

2,202
904

Rural
Urban

1
0

First 2 Network
HSTA
WV State Conservation
Camp
PBS A Science Odyssey
Boys and Girls Club of
Parkersburg
K-12 Engineering Outreach
Program
Kids' Tech University

Wood

11,326

Urban

6

smART::ART Integrated
Formal and Informal STEM
Education
Stone Lab
The STEAM Factory

Wyoming

Urban counties
Rural counties
Total # of
counties

3,417

# Of
counties
21 (38%)
34 (62%)

Rural

#
Students
135,455
105,113

0

# With STEM
outreach
14 (67%)
23 (68%)

# Without STEM
outreach
7 (33%)
11 (32%)

55

162

West Virginia
Wesleyan College
West Virginia
Wesleyan College
Marshall
University
(extension)
WVU/HSTA
WVU Extension
Service
PBS
Boys and Girls
Club of America
Ohio Valley
University
Ohio Valley
University
Ohio Valley
University
Ohio Valley
University
Ohio Valley
University

Buckhannon
Buckhannon
Multiple
Multiple
Cowen
Pine Grove
Parkersburg
Vienna
Vienna
Vienna
Vienna
Vienna

